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New Mexico Watershed Watch (NMWW) is an educational program for
middle and high school students to study the condition of fisheries, water
quality and watersheds. The program is sponsored by the New Mexico
Department of Game & Fish (NMDGF) and River Source. NMWW
enhances students’ and teachers’ understanding of the natural world by
teaching about fish habitat, watershed management & education, and water
quality issues in the context of watersheds. NMWW provides teachers with
instruction in methods for applying student learning to an actual, on-going
monitoring effort using state-of-the-art equipment and techniques. The
students’ research results in hard data that can be used to determine the health
of their local watershed for fish and humans.
The program takes a holistic view of the impacts of land use on water quality
and fish by looking at issues of interest to the community where the school
is located. Since the school is usually near a stream in the watershed, each
school is encouraged to “adopt the watershed” upstream, including all land
extending to the headwaters of the basin. Over the past 9 years more than 40
schools have participated.
Schools generally focus on small watersheds, with particular emphasis on
assessing the environmental health for fish. Program objectives include:
1)

Involving secondary school students in hands-on, real-life projects
in which students monitor watershed health and water quality in their
communities;

2)

Encouraging an interdisciplinary approach to studying the interaction
between water quality and the human impacts of land use;

3)

Developing credible field methodologies to create a long-term database
on watershed health and water quality in streams near selected
secondary schools in New Mexico.

Strongly science based, the program offers options for interdisciplinary study
in social studies, art, English, speech and mathematics. Working to build a
cooperative network of schools and state agencies with an interest in water
quality, Watershed Watch schools monitor a variety of watershed indices from
nutrients to aquatic insects. The program has several supporters, including the
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NM Museum of Natural History and the Surface Water Quality Bureau of the New
Mexico Environment Department.
Many communities and even some state agencies don’t have the resources to
measure local river and watershed conditions. Volunteer programs such as
Watershed Watch helps educate local residents and the general public about the
health of streams and watersheds. The watershed report prepared by your students
summarizes their work and gives them the chance to think about the reasons why
your watershed has some water quality problems. It also provides students with an
opportunity to make suggestions for improving the management of the watershed.
The scientific process that students use to develop findings and conclusions about
watershed health culminates in a written and oral report to their peers and to adults
either in a local presentation or at a state-wide Watershed Congress hosted by
program staff.
Students evaluate watersheds for riparian plant communities, upstream land use,
fisheries values, erosion problems, flora and fauna species diversity, variations in
streamflow, as well as political and social issues. Particular attention is directed
toward the impacts of human activities on water quality and the maintenance of
healthy fisheries. Water quality parameters to be sampled include: pH, turbidity,
nutrients, total dissolved solids, heavy metals and temperature.
Students conduct an evaluation of the composition and richness of the benthic
macroinvertebrate community in the stream. Some students have used their data
to identify watershed problems and make recommendations on future management
options to land managers. Others have taken action by planting riparian plants in a
degraded river corridor.
This document provides a set of activities that align with New Mexico Standards
for Math and Science. The program provides highly tailored training for teachers
given the diverse contexts they work in and the different needs based on their
classes. NMWW brings students and teachers into the larger community of
scientists and interested individuals in fisheries and watershed health. Simply
put, students’ and teachers’ work has meaning beyond the classroom. It is exactly
the type of curriculum recommended by education reformers such as Caine and
Caine (1991). It is also consistent with the national science standards created by
the American Association for the Advancement of Science (1993) and the National
Research Council (1996).
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Program Application
1.

Name and location of school.

2.
Name and title of teacher(s), with address, phone (work and home),
and email.
3.
Resources (science, transportation, administrative) of the school
that will be available for the Watershed Watch program experience. Please
identify key teachers and classroom/laboratory/outdoor resources, as well as
the commitment level expected. Which class do you want to work with on the
program. Will you have transportation available (if necessary) to the monthly
monitoring site?
4.
Reasons for interest in the program (history of science education at the
school and community interest in watershed/fish/water quality issues, potential
for interdisciplinary study).
5.
Preliminary ideas on an innovative way to structure a project (name
of watershed of interest, land use issues, local water problems, whether your
school may be interested in “adopting a watershed”).
Please send application to Richard Schrader, NM Watershed Watch, 1803 1/2
Agua Fria, Santa Fe, NM 87505 (tel: 992-0726)
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WATERSHED WATCH MEMORANDUM OF UNDERSTANDING
The following terms are agreed to between the NM Department of Game and Fish, Conservation
Education Section and _________________School to monitor the _______________ ______
watershed.
The school will receive equipment listed below, which will remain with the school for as long as
they participate in the program.
_______________________________________________________________________
_______________________________________________________________________
In return for the equipment and training, each school, teacher and student agree to do the following:
1. Maintain proper care for all NMWW equipment. If there is a problem with equipment the
teacher should notify the Watershed Watch director as soon as possible.
2. Attend three gatherings annually for training, exchanging information and presenting results.
The trainings may occur over two days. One teacher must attend and occasionally the trainings are
available for students. Teachers may receive recertification hours for attending.
3. Learn the field and laboratory techniques to analyze water quality for each of the chosen
parameters, as well as the values and functions of watershed ecosystems.
4. Collect and analyze water samples on a monthly schedule based on the sampling plan agreed
upon at the training session.
5. Record data in hard (data sheets) and soft (computer) formats. Report the data as requested by
program staff, but at a minimum by the end of May each year.
6. Share the experiences and knowledge you gain with others about the river ecosystem.
Teacher’s signature__________________________________________ Date _________
Principal’s signature ________________________________________ Date _________
Richard Schrader’s signature ___________________________________Date _________
Watershed Watch Director

Page 1 - 4

BASIC SAMPLING & ACTIVITY SCHEDULE
August

September

October

Chemistry field and lab
sampling, chemistry lab
analysis (optional)

Chemistry field and lab
sampling, chemistry lab
analysis

Chemistry field and lab
sampling, chemistry
lab analysis, benthic
macroinvertebrate
sampling, riparian survey

November

December

January

Chemistry field and lab
sampling, chemistry lab
analysis

Chemistry field and lab
sampling, chemistry lab
analysis

Chemistry field and lab
sampling, chemistry lab
analysis

February

March

April

Chemistry field and lab
sampling, chemistry lab
analysis

Chemistry field and lab
sampling, chemistry lab
analysis

Chemistry field and lab
sampling, chemistry
lab analysis, benthic
macroinvertebrate
sampling (optional),
develop data findings

May

June

July

Chemistry field and lab
sampling, chemistry lab
analysis, present findings
in your community and/or
at Watershed Congress

Chemistry field and lab
sampling, chemistry lab
analysis (optional)

Chemistry field and lab
sampling, chemistry lab
analysis (optional)
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BLANK SAMPLING & ACTIVITY SCHEDULE
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August

September

October

November

December

January

February

March

April

May

June

July

References:
National science education standards. National Research Council.Washington,
DC: National Academy Press. 1996.
Caine, R.N. & Caine, G. Making connections: Teaching and the human brain.
Alexandria, VA: Association for Supervision and Curriculum Development.
1991
Rivers of Colorado Water Watch Network. Sample Plan 1998. Colorado
Division of Wildlife, Durango.
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CHAPTER 2: ORGANIZING
AND PRESENTING DATA
IN THIS
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Now that you
have a bunch of
sheets of paper
with numbers
all over them,
what do you do
with them?

Introduction
Data presentation is the “Grand Finale” of your monitoring program but you
really need to start planning on how you’re going to use the data early in
your effort. You and your students will spend much time in the field taking
different measurements such as pH and turbidity. Now that you have a bunch
of sheets of paper with numbers all over them, what will you do with them?
This chapter will guide you through the processes of organizing, analyzing,
and presenting your data. Your time and effort to monitor and share your
data with Watershed Watch is greatly appreciated by us, but we hope you can
take this process even farther. Once you analyze and graph your data you can
share the fruits of your labor with many different audiences.
Student groups, soil conservation associations, sportsmen’s associations,
town councils, and church groups and scientific organizations (such as the
North American Benthological Society) are all different audiences who could
benefit from your work. And once you take your message to the community,
this can be the trigger for taking action on watershed issues. You can organize
a group to clean up a section of river, to advocate for policy, or to expand the
monitoring program with the assistance of other people.
Overview of the Data to Action Process
Your monitoring program can be a tool for stimulating community action on
watershed issues. The data by itself has many uses to Watershed Watch and
the entire State of New Mexico. However, this section will show how you
can use the data to fix the problems in your watershed that you might have
identified. In effect, this is taking your monitoring one step further.
Step 1. Monitoring
Monitoring begins with choosing a study site and ends with completed field
and lab sheets. It includes equipment maintenance and calibration, monitor
training, planning a sampling schedule, and getting the data back home safely.
The result is a set of data which you can share with Watershed Watch, and
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which you can also begin to analyze and prepare to present.

Summarize your
findings and ask,
”What does the
data tell us and
why are things
as they are?”

Step 2. Data Management
This is the process of transferring your data from field and lab sheets to a
reliable (computerized) filing system. You will be entering your data from
the field sheets onto the Excel files provided by the staff at Watershed Watch.
The two most important objectives to this stage are to ensure that data isn’t
lost through lapses in handling and filing, and to check and even re-check
the accuracy of the values entered into Excel from your data sheets. These
steps are called quality assurance/quality control (QA/QC) actions which
are very important for many people who might use your data and who are
concerned that your data has been entered accurately. It’s easy to transpose or
mis-enter numbers, and it’s fairly common in science to find that an exciting
new discovery was simply a typo! This happens to scientists at all levels of
learning and in all fields of knowledge, so be prepared.
Step 3. Data Summarizing and Interpreting
Now that your data is reliably entered and saved in Excel, the exciting part
begins. It is fairly straightforward to calculate yearly averages, perform
simple statistics, and build tables and charts in Excel for all your data types.
This is all considered “data summarization”.
Once your data is in a summarized form, you can begin to actually interpret
your data to learn what it means. Data take on real-life significance as you
compare your results with water quality standards, “normal values”, or
other sites and studies across New Mexico. You will be able to learn which
parameters in your stream are normal and which are out of the ordinary.
The second part of interpretation is to summarize your findings and to
begin to ask the questions “what do the data tell us and why are things as
they are?” If you find that there are important water quality issues in your
stream, you can then begin investigating to find out the source of the problem.
Once you know the source of the problem, you can begin to come up with
recommendations to address the problem and take your information to the
community at large.
Step 4. Data Presentation
Now that you have analyzed and interpreted your data, you are ready to
present your data, your message, and your recommendations. You should
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decide at this stage who your audiences will be, and begin to “tailor” your
message accordingly. For example, you might end up sharing a much different
presentation with a school group than you would with a soil conservation
association.
Step 5. Taking Action
Getting your message delivered to your audience has informed your
community what problems exist in your watershed. Now you want to act on
the information you have presented. If there are problems in your watershed,
you should come up with a plan to deal with these problems. You may want
to involve your community in a clean up day, petition your town or county
council for policy changes, or talk to the federal agency responsible for
monitoring your watershed.

Identifying a
problem is only
half the struggle,
the other half is
doing something
about it.

The important thing to remember is that the Action step is vital! Identifying
a problem is only half the struggle, the other half is doing something about it.
Just remember, there are at least as many solutions to problems as there are
problems themselves!

GUIDELINES FOR STORING FIELD SHEETS AND
ENTERING DATA
Setting up a system for storing your field sheets and entering data into an
electronic format makes the data management process much easier and
increases the chance that your data will be used.
Storing Field Sheets
Make sure you store the field sheets in a safe place in the classroom
immediately or very soon after returning from the field. You could store the
sheets in a labelled file folder or inside a three ring binder. Organize the folder
or binder so that the field sheets are in sequential order by date and by field
sheet type (chemistry, benthic, riparian habitat).
Some schools have several students record data during a field trip. Make sure
that only one field sheet gets stored in the classroom. Keeping only one copy
avoids confusion that could occur if you find different values for the same
measurement on multiple copies of a field sheet.
Entering Data Electronically
Getting your data into electronic versions of the data is very critical making
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We recommend a
minimum of 5 data
points to calculate
most descriptive
statistics.

your data easy to analyze and deliver to other data users. New Mexico
Watershed Watch currently uses Microsoft Excel spreadsheets to receive data
from schools. In the future, we hope to get funding to set up an on-line web
database that will make it easier for you and us in managing the data. But until
then, we will provide you with templates to enter your data and email it to us
for most of the data types you gather.
The Excel spreadsheet enables us to download some of the data in Microsoft
Access and keep other data in the spreadsheet format. We provide the data to
the New Mexico Department of Game and Fish and interested individuals. The
data templates will be available for you to download on a website in the fall
2002. Just follow the instructions that come with the spreadsheets.

DATA ANALYSIS TOOLS AND DESCRIPTIVE
STATISTICS
In order to interpret your data, they need to be in a form that allows you to
view the entire data set in a way that patterns and trends are revealed. With
a small data set, you may just be able to look at the data set itself. However,
our large data sets, with the many kinds of data within them, will need to be
manipulated to make them more understandable.

“Variability
is especially
important because,
in many ways,
that’s what
monitoring is all
about: separating
natural from
human-caused
variability.”
Geoff Dates
River
Network
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Descriptive Statistics
Statistics are simply descriptions of a set of data. The type of statistics we
will use are called, simply enough, descriptive statistics. This is because they
are simple tools for describing a volume of data with just a few numbers.
More complicated statistics (statistical analyses) can be used to actually test
hypotheses and to prove them true or false.
Some commonly used descriptive statistics to determine “typical values”,
which are essentially measures of central tendency, and variability in a data
set. The measures include averages, medians, ranges, and quartiles. According
to Geoff Dates of River Network, “Variability is especially important because,
in many ways, that’s what monitoring is all about: separating natural from
human-caused variability.” One important point to remember is that the more
data points you have, the more accurate these descriptive statistics become.
For example, if you have measured stream temperature 3 times in a year, and
you average these numbers to get a yearly average, you really don’t know
what temperature was like the other 362 days of that year. For this reason,
we recommend a minimum of 5 data points to calculate any of the descriptive
statistics described below.

CHAPTER 2: ORGANIZING AND PRESENTING DATA

The median is
frequently a better
representation of
the data, especially
when the data set
contains one or
two very high or

Average or Mean
The average, mean and median all measure a typical value out of a larger set
of numbers. Most of us have some experience with calculating an average, or
mean. This is calculated by adding all the values and dividing by the number
of values you added. The average gives you a representative value of the
sample. Here is a sample data set of water temperature over a nine-month
sampling period.
Table 2-1 Water Temperature in Degrees Celsius

very low values.

Date

Value

9/4/02
10/5/02
11/5/02
12/6/02
1/6/03
2/6/03
3/9/03
4/9/03

22.3
15.7
13.6
12.6
10.5
10.8
11.5
13.5

5/10/03

14.2

The mean temperature over these nine months is 13.9 degrees. The problem
with using the mean temperature in this situation is the temperature on 9/4/
02 is higher than the other dates. Without this one high value, the mean for
the remaining dates is 12.8, quite a different value. Because of this problem
with especially high (or low) values, we often use another descriptive statistic,
called the median, to describe the values of a set of data.
Median
The median is the central value is a set of values ranked lowest to highest. Put
in other terms, 50% of the values are above the median, and 50% are below
the value. Like averages, medians are meant to be a value representative of
the data. However, the median is frequently a better representation of the
data, especially when the data set contains one or two very high or very low
values.
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A stream with
a high range
in temperature
during the year
is likely to be a
worse habitat for
fish than a stream
with a low range
of temperatures.

Table 2-2 Water Temperature in Degrees Celsius

Date
9/4/02
10/5/02
11/5/02
12/6/02

Value
22.3
15.7
13.6
12.6

Values Ranked
(low to high)
10.5
10.8
11.5
12.6

1/6/03
2/6/03
3/9/03
12/6/02

1/6/03
2/6/03
3/9/03
4/9/03

10.5
10.8
11.5
13.5

13.5 (Median)
13.6
14.2
15.7

4/9/03
11/5/02
5/10/03
10/5/02

5/10/03

14.2

22.3

9/4/02

Let’s look at the data for water temperature again. The median for this data set
is 13.5, which is lower than the average of 13.9. Since we know that this data
set is being skewed upward by the high value for 9/4/02, it appears as if the
median is a better representation of this set of data.
Range (Minimum and Maximum)
The range provides a value that measures the variability of a data set. The
range is the difference between the maximum and the minimum value in a data
set. If the difference is large, it means that there is a lot of variation in the data.
This can be useful when you are trying to determine if there is a trend in your
data over time. In terms of the temperature data we have been analyzing, the
minimum value is 10.5, the maximum value is 22.3, therefore the range is 11.8
degrees.
The maximum temperature provides very important information if it exceeds
the New Mexico state standards for fisheries as set by your stream segment’s
designated use. A stream with a high range in temperature during the
year is likely to be a worse habitat for fish than a stream with a low range
of temperatures. Temperature level standards are expressed in terms of the
maximum temperature which should be reached. In terms of a high-quality
cold-water trout fishery, the maximum temperature is 20 degrees Celsius. In
the case of our data above, the maximum value was 22.3, which would have
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violated the standard if this stream were designated as a cold-water fishery.
Quartiles and the Interquartile Range
Quartiles also describe the variability of a data set. Quartiles are the three
values below which lie 25%, 50%, and 75% of the values in the data set. The
median is actually the same as the 50% quartile. While the median shows
you the typical value in your data set, the 25% and the 75% quartiles, when
looked at together, show you the values between which 50% of your data lies.
In effect, this is another way of measuring the spread in the data, just like the
range.
The difference between the 25% quartile and the 75% quartile is called the
interquartile range, or the IQ range for short. If the IQ range is small, it means
that most of your data values are relatively consistent and clustered around the
median. If the IQ range is large, it means that there is a lot of variation in the
data.

There are two
types of tables
which can be used.
One type displays
all of the data
you have taken,
the other displays
the descriptive
statistics you have
computed from
your data.

Table 2 -3 Quartiles for Water Temperature

25th
IQ
Range
is 2.7

50th
75th

Values Ranked
(low to high)
10.5
10.8
11.5
12.6
13.5 (Median)
13.6
14.2
15.7
22.3

1/6/03
2/6/03
3/9/03
12/6/02
4/9/03
11/5/02
5/10/03
10/5/02
9/4/02

We can see from these quartiles that the IQ range is fairly small, if we
look back at the data table, we can see that this is true, most of our values
are within a few degrees of each other, except our lone “rogue” value for
September.
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SUMMARIZING YOUR DATA IN TABLES, GRAPHS,
AND BIOMETRICS
Tables
In the last section, we summarized our data by computing descriptive statistics
such as the average, the median, or the range. However, looking at more than
one average or one median can be difficult to visualize without some form of
organization. A table presents the numbers in an organized way, typically in
columns and rows.

Graphs are a
way to show your
data in an easily
understandable
form.

There are two types of tables which can be used. One type displays all of
the data you have taken, the other displays the descriptive statistics you have
computed from your data. Tables which display all the data should be used
for reference, and are usually included in an appendix of a report. They can
therefore be referenced at need from the appendix, but they do not take up too
much space in the body of the report.
Tables which display your descriptive statistics can be displayed in your
report as long as they are easy to read. For example, our Table 2-1 of water
temperature over a nine-month period would probably not be informative
enough to include in the body of the report. Instead, it would be more useful to
have a table with the Mean, the Median, and the 25% and 75% quartiles. This
table would look like the table below.
Table 2-4 Descriptive Statistics of Water Temperature Readings Over a NineMonth Sampling Period (in degrees Celsius)
Mean
13.9

Median
13.5

25%
11.5

75%
14.2

IQ
2.7

Max
22.3

This table is easier to read and more informative than Table 2-1. This
table included the Max temperature because this allows us to compare our
temperature readings with the temperature levels standards for this type of
fishery. Tables like this are quite useful for reports, but should rarely be used
in presentations because they are difficult for the audience to read.
When you do include a table in a report or presentation, remember these tips:
·
·
·
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A title at the top of the table is absolutely necessary
It is also important to include your reporting units (degrees Celsius)
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Graphs

Following
some basic
rules helps
create
powerful
graphs.

Graphs are a way to show your data in an easily understandable form. They work
especially well for presentations, as trends and unusual data points show up very
clearly. There are many types of graphs, we will look at our temperature data
from table 2-1 in a line graph format.

This line graph shows our temperature data in a much more understandable
fashion. We can see the trend in temperature over time (temperature obviously
decreases in the winter months), and we can also see that the highest value for
temperature occurred in September.
Graphs have two scales or axes. The vertical axis is known as the “y – axis”, and
is usually the axis with the data values. The horizontal axis is known as the “x
– axis”, and has the categories under which our measurements are taken. In this
case, the y – axis has the temperature values, and the x – axis has the sampling
dates.
Graphs require the same rigorous labeling as tables. Our graph has a clear,
readable title (note that both graphs and charts are labeled as figures), it has labels
for both axes, and also has the units or categories for each axis clear and logically
shown. This graph also included a legend (to the right of the graph), which
explains the values shown in the graph. However, in this case, the legend should
probably be left out, as it doesn’t explain anything that isn’t shown in the labels on
both axes.
There are many other types of graphs, such as bar charts and pie charts. Keep in
mind that different graph types are more appropriate for a particular type of data.
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For example, a pie chart is used to show the percent of sample that is composed of
different groups. In Figure 2-2 we can show the proportion that each major group
of macroinvertebrates contributes to the whole.
Following some basic rules helps create powerful graphs.
A good graph needs:
· A clear title at the top that succinctly describes the sample site and the
data type
· Simple, clear labels in both axes (no axes in a pie graph)
· a clearly description of reporting units
· to consistent with the story your telling in text or live presentation
· to be kept simple. Use the minimum number of elements required to tell
your story
Biometrics
State agencies in the USA typically rely on multimetric approaches to analyzing
biological data. The Watershed Ecology section describes several biometric
approaches to evaluating the integrity of biological communities such as the
benthic macroinvertebrate community. In mountain watersheds, for instance, the
presence of stoneflies, mayflies and caddisflies have been used by researchers as
environmental indicators of healthy streams. With this in mind, Figure 2-2 shows
a relatively good percentage of Plecoptera or stoneflies as a percentage of the
entire sample. A biometric summary of this data might compare the percentage
of EPT (E = Ephemeroptera, P = Plecoptera, and T = Tricoptera) divided by the
percentage of Chironomidae (Black Flies). In most clean running waters this
ratio should be very low.
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Good luck with all your data analysis and presentation!

References:
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Partnership. University of Massachusetts, Amherst, Massachusetts
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CHAPTER 3: MEASURING
STREAMFLOW
IN THIS
CHAPTER:
Measuring
Stream flow
(Discharge)
Interpreting
Your Results

Introduction
How much water is flowing in your stream has a huge impact on fish, benthic
macroinvertebrate and human communities, just to name a few. Not only
is the quantity of water important, but the timing of floods during different
seasons, velocity, and channel dimensions also have a big impact on how
healthy the stream is for aquatic organisms in the stream. Drought years, such
as the ones we experience during the year of this publication, make it even
more critical to measure streamflow.
Streamflow will change seasonally based on the timing of snowmelt, summer
monsoons and irrigation seasons. Several rivers run dry in different segments
due to natural characteristics and human-induced “dewatering.” Large
climate patterns such as El Niño/La Niña (El Niño Southern Oscillation or
ENSO) also change the amount of water flowing in streams. For the past
30 years, New Mexico’s climate has generally been very wet. You and your
students may be one of the few people in your community capable of tracking
long-term stream flow changes to help inform people what the quantity of
water is in your stream.

STREAMFLOW – WHAT AND WHY
What is Streamflow?
Streamflow is a measure of how much water is flowing in a small portion of
a river at a specific time. The standard measurement for streamflow is cubic
feet per second.

Why is Streamflow Important?
By measuring streamflow, students can determine how much life the river can
support. The amount of water flowing in a river can affect many physical and
biological characteristics of a river. Water temperature, levels of dissolved
oxygen and turbidity are affected by streamflow. The temperature of water
in slow flowing, shallow rivers tends to be warmer than that of deeper, fasterflowing rivers. Faster flow may cause waves and tumbling of water, which
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mixes atmospheric oxygen into the water thereby increasing dissolved oxygen
levels. Faster flow of water can cause increased erosion of river banks which
may result in elevated levels of turbidity. Thus, the rate of flow determines
the conditions of the water, which determines the types of plants and animals
living in and around the river.
Influences on Water Temperature
Natural factors
The geology of the area through which a river flows can affect streamflow.
Water tends to flow faster over smooth surfaces, so if the riverbed is littered
with boulders or large cobbles, this could slow the flow of water.
Natural debris in the river, such as large boulders or downed trees or branches,
can alter the course of the water, thereby slowing the flow.
Human influences
Land use activities can cause changes in streamflow. Damming of rivers
controls the amount of water that flows and also when the water flows.
Month-to-month changes in streamflow may vary greatly in undammed
rivers, due to dry seasons, wet seasons, and spring run-off. These changes in
streamflow might not be seen in dammed rivers.

INTERPRETING YOUR RESULTS
For small streams where water is generally cold (below 20 C) the following
guidelines can be used to assess your flow data following Oswood and Barber
(1982).
Excellent
> 2 cfs

Good
1-1.9 cfs

Fair
0.5-0.9 cfs

Poor
< 0.5 cfs

Greater than 2 cubic feet per second (cfs) is a bare minimum during low flow
conditions that can produce and maintain a relatively stable environment in
the river substrate.
Reflection Activity
Ask your students to consider the implications of how much water is flowing
for the stream if the water was designated solely to serve humans.
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The average person in New Mexico uses about 78 gallons of water per day
for household use. In order to find out how many people this stream could
support in one day, students can complete the following calculations:
______________ x ____________ = ______________________
Streamflow in cfs
gallons in 1 cf
gallons of water per second
(7.4 gallons)
______________ x _______________ x ________________
Gallons per second
Seconds in minute
gallons of water per
minute
_____________ x _______________ = _________________
Gallons of water
Number of minutes
Total gallons of
per minute
per day
water per day in the
river
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STREAMFLOW - HOW TO MEASURE
Streamflow is measured using a tape measure, yard- or meter stick, floatable
object (such as a ping-pong ball or stick), timer, and data sheet.
1. Select a site. Find a fairly straight stretch of river where the water
flows fast and the bottom is relatively flat.
2. Measure a length river at least 10 feet, placing a marker at the
beginning point and another at the end point.
3. Drop a floating object in the center of the river at least 3 feet upstream
of the beginning point.
4. Begin the timer once the floating object has reached the beginning
point.
5. Stop the timer once the floating object has reached the ending point.
(Note: if the object becomes lodged or stuck in an eddy, start the
procedure over again.)
6. Drop the floating object into the river at least three times, recording the
time it takes to travel the distance from beginning to end. Calculate an
average time.
7. Measure the width of the river at the start point, the end point, and at
a point midway between the start and end for a total of three width
measurements. Calculate an average width.
8. Measure the depth of the river three times along each width line for a
total of nine depth measurements. Calculate an average depth.
9. Divide the distance traveled by the floating object (usually 10 feet) by
the average time of travel to obtain a velocity.
10. Multiply the average width by the average depth to obtain an area.
11. Multiply the velocity by the area to obtain a streamflow.
To obtain a final adjusted streamflow, multiply the streamflow by a
factor of 0.9 for streams with a smooth bottom or for streams with a
rough bottom use 0.8. This factor takes into consideration the uneven
surface bottom of the river that will slow velocity down.
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Measuring
1. Find a fairly straight stretch of river where the water flows fast and the bottom is relatively flat. Measure
a 3-meter section, marking where it begins and ends. Record this as the distance in column A.
2. Drop a tennis ball (or preferably an orange or other citrus fruit) in the center of the river at least one meter
upstream of the starting point. When the ball reaches the start point, begin timing in seconds. When the
ball reaches the end point, stop the timer. Record the amount of seconds in column B. Repeat this step two
more times. (If the ball gets lodged in a rock or stuck in an eddy, begin the trial over.)
3. Measure the width of the river at the start point, at the end point, and at a point midway between the start
and end. Record these measurements in column D. (See lines with arrows, above.)
4. Measure the depth of the river 3 times along each width line for a total of nine depth measurements.
Record
these measurements in column F. (See dots on lines with arrows, above.)
A
Distance
(meters or
feet)

B
Time
(sec.)

C
Average
Time (sec.)

D
Width of
River at 3
points

E
Average
Width of
River

F
Depth of River at
9 points

G
Average
Depth of
River

Calculating
5. Calculate the averages for columns B, D and F and record the averages in columns C, E and G.
6. Now, divide the distance (column A) by the average time (column C) to obtain the velocity. Record
this number in the equation below.
7. Multiply the average width (column E) by the average depth (column G) to obtain the area. Record
this number in the equation below.
8. Multiply the velocity by the area to obtain the streamflow and record that in the equation below.
_________________________ x _________________________ = _________________________
velocity
area
streamflow
9. To calculate the final adjusted streamflow, you must multiply your result by a factor which takes into
consideration the uneven surface bottom of your river or stream. For streams with smooth, muddy,
sandy or hard pan bottoms use a factor of 0.9, but for streams with a rough bottom with loose rocks or
coarse gravel use a factor of 0.8.
______________________ x ________________________ = __________________________________
streamflow from
factor of 0.9 or 0.8
Final Adjusted Streamflow
equation above

CHAPTER 4:
WATERSHED CHEMISTRY
IN THIS
CHAPTER:

Field Chemistry

Field chemistry
• Temperature
• pH
• Turbidity
• Conductivity

INTRODUCTION

Water quality
standards

Practicing
good sampling
techniques and
carefully analyzing
the sample gives
students good
experience in
water quality
science.

New Mexico Watershed Watch supports your investigating several measurements about the chemical condition and health of streams for fish and humans.
The program provides resources for measuring:
1. pH
2. Temperature
3. Conductivity
4. Turbidity
5. Nitrate Nitrogen
6. Total phosphorus (without heat digestion)
7. Ammonia
8. Copper
9. Zinc
10. Aluminum
Tests 1- 4 are easily done in the field. All you need to bring are functioning
and calibrated meters, a beaker for grabing samples (not all tests require a
beaker), distilled water to rinse the meters after use, and a field sheet to record
the data. The data from these tests should be fairly precise and accurate assuming the meters and thermometer are properly calibrated.
Tests 5-10 can be done in the field if your spectrophotometer has a functioning rechargeable battery and you have the time and resources to do careful
supervision of your students. Most schools collect a water sample in a clean
bottle (approximately 1000 mL minimum size), refrigerate it overnight and do
the analysis the next day. The maximum holding time for these samples are
typically less than 48 hours. The possibility of interferences with obtaining
precise and accurate analysis with the spectrophotometer include improperly
following the instructions, contamination of the sample during transportation,
sampling with a dirty sample bottle and analyzing the sample after the 48
hour holding time. However, the entire process of practicing good sampling
techniques and carefully analyzing the sample gives students good experience
in water quality science.
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TEMPERATURE – WHAT AND WHY
What is Temperature?
Water temperature is a simple, but important measurement that refers to the
coldness or warmness of water. Cool water holds more oxygen than warm
water because gases, like oxygen, are more easily dissolved in cool water.
Why is temperature important?
Temperature directly affects many physical, chemical and biological
characteristics of a river. The health of all living organisms in a river is
dependent on water temperature as each organism is adapted to a particular
range of temperatures. Most aquatic organisms have adapted to a specific
temperature range that is optimal for its health. Growth and reproduction of the
species occur most efficiently at a temperature within this tolerance range.

An increase in water temperature can affect aquatic life in the
following ways:
•
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Decreased oxygen availability. Most aquatic organisms depend on the
dissolved oxygen in the water. The warmer water is, the less oxygen it can
hold, as gases are less soluble in warm water. Higher temperatures decrease
the amount of oxygen available for aquatic organisms.

CHAPTER 4: WATERSHED CHEMISTRY

Table 4 - 1: Temperature Ranges for Selected NM Fish
Optimal
Growth Range

Maximum Range for Survival

Spawning
Range

Rainbow troutOncorhynchus
mykiss

13—21o C

18—25o C

5—15o C

Cutthroat troutOncorhynchus
clarki

N/A

N/A

5.5—9o C

Gila trout *Oncorhynchus gilae

N/A

28.25o and 25.57o C
when acclimated at 10o C and 20o C
respectively

8o C or greater

Brook troutSalvelinus fontinalis

13.9—15.6o C

20—25o C

N/A

Longfin daceAgosia chrysogaster
Girard

24o+ C

50o C

24o+ C

11.1—23.3o C

N/A

15.6o C

23—30o C

N/A

15.6—18.4o C

N/A

30.5—39.5o C dependent on acclimation
temperature; fish acclimated at 24o C and
30o C preferred water from 22—24o C

20o C

Species

Longnose daceRhinichthys
cataractae
Flathead minnowPimephales
promelas
Roundtail chubGila robusta

*Federally listed as endangered (USFWS, 1967); listed in NM as threatened, 1988; listed as threatened
by the American Fisheries Society, 1989.
N/A = Lack of information. Often data is only available for sports or endangered fish that are grown in
hatcheries.
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The greatest
human-induced
increases in
temperature in
New Mexico may
be caused by
devegetation of
stream banks and
soil erosion.

•

Increased metabolic rate. The rates of growth, decomposition, and
metabolic rates of many aquatic organisms rise with increasing water
temperature. More plants grow and die. As they die, bacteria that consume
oxygen decompose the dead plant cells. Fish and insects that rely on
dissolved oxygen in the water have less available for their consumption
when organic matter grows and decomposes faster than typical rates.

•

Spawning success. Spawning, the act of egg laying and fertilizing by fish,
is effected by temperature for many species. Different fish species have a
preferred temperature for spawning. For instance, brook trout and rainbow
trout find 9o C. An increase in temperature of just a few degrees could
prevent spawning.

•

Survival of embryos. Embryo survival is also temperature dependent;
higher than normal temperatures will lead to embryo death and a possible
reduction in the population of a species.

Influences on Water Temperature
Natural factors and human influences effect water temperature in streams,
rivers and lakes.
Natural factors
The elevation and geographical location of streams affect stream temperatures.
Streams in lower elevation areas tend to stay warmer than streams at higher
elevations. The time of year also affects water temperature changes as air
temperature changes through the seasons. The source of water can cause
streams to be cold, particularly those fed by snowmelt which are typically very
cold in the spring. Streams fed by cold water springs remain cool all year long
while warm water springs keep the water temperature warm. The channel
shape impacts stream temperatures by limiting or exposing surface water to the
atmosphere. A narrow, deep stream will be cooler than a wide, shallow stream
if all other factors are the same. Finally, riparian shading with trees and shrubs
makes water cooler by casting shadows over the water to keep temperatures
down during hot summer months.
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TEMPERATURE – HOW TO MEASURE
Measuring Temperature
1. Check thermometer for liquid-column separation (see if there are
bubbles in the colored fluid). If yes, then use a different thermometer that
is functioning properly.
2. Take the temperature in the shade. Use your shadow if nothing else.
3. Place the thermometer completely in the water. Hold it underwater for
at least one minute (or until the reading stabilizes).
4. Read the temperature while the thermometer is still in the water if
possible. If you can’t read the thermometer while it is in the water then
read it immediately after removing it from the water. This prevents the
possibility that the thermometer will adjust to the air temperature before
you read it.
5. Take the temperature 2-3 times if time allows and average the results on
the Watershed Watch Field Form.
6. Put the thermometer back in its protective case.
Calibrating the Thermometer
1. Create a standard by filling a cup with mostly ice and top the cup off
with water. Wait a minute for the water to reach the temperature of the ice
(0 degrees C).
2. Put the thermometer in the ice water and wait one minute.
3. Pull the thermometer out of the cup and immediately read the temperature. It should be +/- 1 degree Centigrate from 0 degrees C. If not, the
thermometer needs to be replaced.
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PH – WHAT AND WHY
� pH measures how acidic or basic a solution is.
� The pH of rivers is largely due to the composition of the surrounding rock or soil
through which they flow.
� Changes in pH can be due to various inputs such as industrial waste, wastewater
treatment, and runoff from mining operations, and acid deposition.
� Aquatic organisms are adapted to particular pH levels and are adversely affected
by even slight changes in pH.
� Very acidic waters can cause heavy metals to be released from bottom sediments
and surrounding soils. These heavy metals can kill or stunt the growth of fish.
What is pH?
pH measures how acidic or basic a solution is. Water (H2O) contains both
H+(hydrogen) and OH- (hydroxide) ions. The pH scale is a measure of the relative
concentrations of these two ions. Pure water has an equal concentration of H+ ions
and OH- ions and is given a pH of 7 on a scale of 0 to 14. An acidic solution has a
higher concentration of H+ ions and has a pH of less than 7. A basic solution has a
higher concentration of OH- ions and has a pH greater than 7.
The pH scale is a logarithmic scale. For example, a reading of 5 is 10 more times
acidic than 6 and a reading of 4 is 100 times more acidic than 6. When compounds
enter water and ionize, the water can become more acidic or basic.
The pH value is one of the most important chemical characteristics of a body of water.
It impacts the health and diversity of aquatic organisms and also affects the nature of
many of the chemical reactions taking place in an aquatic ecosystem.
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Why is pH Important?
The pH of water can directly affect the life processes of aquatic plants and
animals. Many organisms are adapted to particular pH levels. Slight changes
in pH can affect the reproduction rates of some species or even result in death.
The largest variety of organisms can survive in neutral to slightly basic water
(pH 6.5 – 8.2). At extremely high or low pH values (such as 4.1 or 9.5) the
water becomes unsuitable for most organisms.
Very acidic waters can cause heavy metals, such as mercury, copper and
aluminum, to be released from bottom sediments and surrounding soils.
These heavy metals can kill or stunt the growth of fish. In some parts of the
country, the public is advised not to eat fish that may be contaminated with
heavy metals.
Table 4 - 2: Effects of various pH levels on aquatic life:

pH

Effect

3.0 – 3.5

Unlikely that fish can survive for more than a few hours in this range, although some
plants and invertebrates can be found at pH levels this low.

3.5 – 4.0
4.0 – 4.5
4.5 – 5.0

Known to be lethal to salmonids.
All fish, most frogs, insects absent.
Mayfly and many other insects absent. Most fish eggs will not hatch.

5.0 – 5.5

Bottom dwelling bacteria (decomposers) begin to die. Leaf litter and detritus begin to
accumulate, locking up essential nutrients and interrupting chemical cycling. Plankton
begin to disappear. Snails and clams absent. Mats of fungi begin to replace bacteria in
the substrate.
Metals (aluminum, lead) normally trapped in sediments are released into the acidified

6.0 – 6.5

Freshwater shrimp absent. Unlikely to be directly harmful to fish unless free carbon
dioxide is high (in excess of 100 mg/L)

6.5 – 8.2

Optimal for most organisms.

8.2 – 9.0

Unlikely to be directly harmful to fish, but indirect effects occur at this level due to
chemical changes in the water.

9.0 – 10.5
10.5 – 11.0
11.0 – 11.5

Likely to be harmful to salmonids and perch if present for long periods.
Rapidly lethal to salmonids. Prolonged exposure is lethal to carp, perch.
Rapidly lethal to all species of fish.

Source: Johnson, R., Holman, S. and Holmquist, D. 2000. Water quality with calculators. Vernier Software and Technology.
Beaverton, Oregon.
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Influences on pH
Natural Factors
The pH of a river or stream is in large part due to the composition of the
surrounding rock or sediment through which it flows. In New Mexico, the pH of
natural waters ranges between 6.6 and 8.8. However, many of our rivers are more
basic (or alkaline) than acidic, probably due to a larger proportion of our soils being
formed by alkaline rocks such as limestone.
Related to the measurement of pH is that of alkalinity, the acid-neutralizing, or
buffering, ability of some waters. In rivers, this is generally due to the presence
of carbonate (CO3 2-) and bicarbonate (HCO3 -) ions dissolved in the water that
react with free H+ ions, thus protecting the water from a drop in pH. Streams that
flow through limestone rocks and soils will have higher alkalinity, and better acidbuffering abilities. Streams flowing through granite will have lower alkalinity and
less resistance to acidic inputs. Alkalinity can be tested by titrating a water sample
with a weak acid.
During photosynthesis plants absorb CO2, an acid formng anion and release oxygen
and HCO3 , a base forming ion. During daylight hours, when algae and other plants
are photosynthesizing, pH tends to rise. After sunset when photosynthetic activity
stops, pH may drop. These day/night changes are more pronounced in nutrient rich
river systems.
Human Influences
The pH of waters can also be affected by various inputs such as industrial waste,
wastewater treatment and runoff from mining operations. Acid deposition (acid
rain) can also have a serious impact on the pH of river waters. Acid deposition
(rain, snow, dry particles) forms from droplets of sulfuric acid or nitric acid created
by the burning of fossil fuels
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PH – HOW TO MEASURE
Measuring pH
pH is best monitored in the field with a pH meter. The pH of samples taken
and held can change over time or be affected by the container they are held in.
A good quality meter that measures to 0.01 pH units is recommended. A pH
pen is less expensive but will measure only to 0.1 pH units. pH paper can also
be used but will measure only to 1 pH unit.
pH meters work by measuring the electric potential across an electrode (due
to hydrogen ion concentration.) pH is then displayed in pH units or millivolts
(mV.)
Instructions for measuring pH with the Oakton pH Testr 2.
1. On the day of use, you should condition the electrode before you begin.
a) Remove electrode cap.
b) Immerse electrode in electrode storage solution, buffer, or tap water for
at least 30 minutes (do not use deionized water for this brand meter)
2. At the field site, have a beaker ready to take your water sample.
3. If it is safe, take a small (50 mL) sample in the main current where the
water is well mixed. If the current is too strong, take the reading in a flowing
part of the stream closer to shore. Try to avoid eddies where the water might
not be as well mixed and could be absorbing acidic compounds from organic
matter on-shore.
4. Remove cap from electrode and press the ON/OFF button to turn pH tester
on.
5. Dip the electrode to a depth of 1⁄2 to 1 inches into the water sample, stir the
sample lightly, and wait at least 30 seconds to let the probe equalize with the
temperature of the water.
6. After the measurement has stabilized, press the HOLD/CON button to
freeze the reading.
7. Record the reading on Watershed Watch Field Sheet. After you are
finished, press the HOLD/CON button again to release the reading.
8. Rinse the meter in tap water and store instrument in protective case.
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Calibrating the pH Meter
Calibration should be done every day the tester is used or as often as possible.
You will need buffer solutions of pH 7 and pH 10 (buffer solutions will be
supplied by Watershed Watch staff). Make sure that the buffer expiration date
hasn’t expired before using.
1. Press ON/OFF button to turn the unit on.
2. Dip the ph meter into the pH 10 buffer solution to a depth of 1⁄2 to 1 inch.
3. Press the CAL button to enter the calibration mode. “CA” will flash on the
display at first, then a value close to the buffer solution pH will flash on the
screen.
4. After at least 30 seconds (30 flashes on the screen), press the HOLD/CON
button to confirm the calibration. The display will show “CO” and then switch
to the buffer value reading.
5. Rinse electrode with tap water before sampling the next buffer solution (pH
7).
6. Dip the pH meter into the pH 7 buffer solution to the same 1⁄2 to 1 inch depth.
7. Press the CAL button again to enter the calibration mode. “CA” will flash
on the screen, then a value close to pH 7 will appear on the screen.
8. After 30 seconds, press the HOLD/CON button to confirm the calibration.
The display will show “CO” and then switch to the buffer value reading.
9. Rinse electrode in clean tap water, and then press the ON/OFF button to turn
unit off.
10. YOU ARE CALIBRATED!
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TURBIDITY – WHAT AND WHY
Synopsis

• Turbidity is a measure of the relative clarity of water.
• The effects of turbidity include increased water temperature,
decreased oxygen levels in water, and impacted health and
development of fish and macroinvertebrate insects.
• Turbidity can be caused by silt, clay, plant material,
microorganisms, wood ash and chemicals suspended in the
water.
• Turbidity is measured with a meter called a turbidimeter, or
nephelometer and is reported in nephelometeric turbidity units
(NTUs).

What is Turbidity?
Turbidity is a measure of the relative clarity of water, or how murky or cloudy
the water appears. It is defined by the American Public Health Association
(APHA) as “the optical property of a water sample that causes light to be
scattered and absorbed rather than transmitted in straight lines through the
sample.” Turbidity measures how particles in the water scatter light as it
passes through the water. A turbidity measurement can be used as an indirect
way to measure the amount of suspended solids in water. Keep in mind,
however, that correlation of turbidity with the weight or particle number
concentration can be difficult because of the size, shape and color of the
particles.
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Effects of Turbidity
At high levels of turbidity, water loses its ability to support a diversity of aquatic
organisms. High levels of turbidity can raise water temperature by increasing
the amount of sunlight that is absorbed by the water. An increase in temperature
causes oxygen levels to decrease. Photosynthesis decreases because less light
reaches underwater plants causing oxygen levels to drop even more.
Suspended solids can clog gills of fish and prevent the development of eggs
and larvae. As particles of silt, clay and organic matter settle from the water to
the bottom of rivers, they can cover and suffocate newly–hatched insect larvae.
In addition, the settled sediment can take up spaces between the rocks that are
important microhabitats for mayfly, caddisfly, stonefly nymphs and other aquatic
insects.
Causes of Turbidity
Natural factors
Geologists say, “Silt happens”, which describes past and future of turbidity.
Natural sources of turbidity include the type of rock or sediment through which
a stream flows. Rivers that flow through erodible material such as sandstone are
naturally turbid. Turbidity is also caused by algae and plankton growth and by
the activity of bottom-feeding organisms.
Human influences
In New Mexico, 95% of water pollution comes from sediment or dirt in the
water. Much of this pollution may come from agricultural land uses such as
grazing, farming and timbering. High turbidity may also be caused by soil
erosion, waste discharge or runoff from urban areas. After the next rainstorm,
measure the turbidity of your river or simply observe if it is clear or brown with
sediment. See if you can find the source of the sediment and come up with ways
to better manage the watershed and keep a good vegetation cover to protect
aquatic insects and fish.
How to interpret results
The maximum value for high quality coldwater fisheries is 10 NTU. A
maximum of 25 NTU is permitted in certain reaches where natural background
prevents lower turbidity measurements.
The standard for most domestic water supply systems is 0.5 NTU.
There are no standards for turbidity for coldwater, marginal coldwater, or
warmwater fisheries.
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TURBIDITY – HOW TO MEASURE
Turbidity is measured with a Hach 2100P portable turbidimeter provided
by the New Mexico Department of Game and Fish. Report your results
nephelometer turbidity units (NTUs) on the Watershed Watch Field Sheet.
Measuring Turbidity
1. Check the battery of the turbidimeter by turning on the power button
before you go in the field. Replace batteries and recalibrate the machine, if
necessary.
2. Collect a representative sample with the sample cells. Take care to handle
the sample cell from the top so that finger prints don’t dirty the glass.
3. Cap the cell and wipe the cell clean with a soft, lint-free cloth to remove
water spots and fingerprints (a clean, recently-washed T-shirt will work fine).
Apply a thin film of silicone oil and wipe with a soft cloth to obtain an even
film over the entire surface. This should be done very seldom, and then only
if the sample cell is scratched.
4. Wipe the cell with a soft lint-free cloth to remove water spots and finger
prints.
5. Press the power button. Make sure the lid of the instrument is closed as the
machine turns on.
6. Put the sample cell in the cell compartment so the diamond on the cell
aligns with the raised orientation mark in the front of the cell compartment.
7. Press READ. The display will show “---- NTU” then the turbidity in
NTU.
8. Take 2-3 measurements if time allows and record the results on the
Watershed Watch Field sheet.
Troubleshooting
1. A flashing numeric display means that the sample is too turbid (or
overrange) for the selected range. Press the RANGE key until the display
reads “AUTO” to put the instrument in the automatic range selection.
2. “E” messages on the display indicates either an instrument failure or an
operation cannot be performed for a variety of reasons. You can clear these
messages by pressing the DIAG key. The meter will continue operating as
best it can. Common messages are:
E3 = Low light error. E6 = Open lid during reading or obstructed light path.
E7 = Light leak error. If any of these errors persist, call Richard Schrader,
Program Director at 505-992-0726.
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Calibrating the Turbidimeter
Watershed Watch staff will calibrate your instrument once a year. However,
you may have Gelex Secondary Turbidity Standards with assigned values for
checking the calibration of the instrument in the field. Look for your Gelex
standards in the instrument’s carrying case. The look like vials filled with a
firm gelatin (jello).
Insert the Gelex standards in the same way described to measure river
samples. Look for a number penciled in the diamond on the vial. If you
measured value is greater than +/- 5% of the value written on the vial, your
instrument needs to be recalibrated by Watershed Watch staff. Call Rich
Schrader to have your instrument calibrated.
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CONDUCTIVITY – WHAT AND WHY
Synopsis
• Conductivity is a measurement of the ability of a substance to carry an
electric current.
• The more ions present in water, the higher the rate of conductivity.
• Once a normal range of conductivity is established for a stream, large
changes can indicate that some source of pollution has entered the water.
• Conductivity is affected by temperature, discharges into a stream, and the
geology through which a stream flows.
What is Conductivity?
Conductivity is a measurement of the ability of a substance to carry an
electric current. The presence of ions (charged particles) in the water from
ionic compounds, such as salts, increases the capacity of the water to carry
electricity. For example, sodium chloride will dissociate in water to form
positive sodium ions (cations) and negative chloride ions (anions). The
presence of free ions in water allows for the conductance of an electric
current. The more ions present in water, the higher the rate of conductivity
will be. Organic molecular compounds such as oils, phenols and alcohols do
not form ions in solution and thus are not good conductors. Conductivity is
measured in microsiemens per centimeter at 25 degrees Celsius (µS/cm at 25
°C.)
Why is Conductivity Important?
Conductivity measurements provide a general indicator of water quality. Most
streams have a relatively constant range of conductivity. Once baseline data
is established for a stream, deviations from the normal range can indicate that
some source of pollution has entered the water. Runoff from irrigation could
increase conductivity because of salts picked up as water flows through the
soil. On the other hand, an oil spill from an over-turned tanker truck would
lower conductivity since oil is a poor conductor of electricity. Significant
changes in conductivity could indicate that a discharge or some other source
of pollution has entered the river.
Conductivity does not tell us what substances are present such as a nitrate
test. But, a measurement of conductivity can be used to estimate the amount
of total dissolved solids (TDS) present in a sample; this is done by multiplying
the conductivity by a conversion factor. The factor for converting conductivity
to TDS is 0.55 to 0.90, depending on the type of dissolved solids present. A
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general rule of thumb for New Mexico is to multiply your conductivity measurement
by .59 to get TDS in mg/L (USGS, Hemm, Samplng and Analysis of Natural Waters).
The conductivity of rivers in the United States ranges widely from 19 μS/cm on the
Rito Gascon to 8,800 μS/cm on the Candadian River just below Ute Dam. Compare
this range to distilled water, which ranges between 0.5 to 3 μS/cm.
Influences on Conductivity
Natural factors.
The geology of the area through which a stream flows has the greatest affect
on conductivity. Rivers flowing through granite bedrock generally have lower
conductivity due to the inert nature of the minerals found in granite. Rivers running
through clay soils will have higher conductivity as more inorganic dissolved solids
wash into the water. Rivers coming from watersheds that have a limestone geology
often have high conductivity since historically limestone is derived from a salty
inland sea.
Water temperature also has an affect on conductivity, which increases with
temperature. In most solutions an increase of 1oC will increase conductance by
approximately 2 percent. Most instruments used in the New Mexico Watershed
Watch program have automatic temperature compensation (ATC) with adjusts
measured values to 25 oC. It’s essential to know if an instrument has ATC or not. If
not, report your data with a note after the value that says “no ATC”.
Human influences
Land use activities can cause dissolved solids to run into a stream and increase
conductivity levels. For example, runoff of fertilizers from lawns or agricultural
lands or a sewage spill could raise conductivity because of the increased presence of
phosphates, nitrates and salts. Conductivity could be lowered as a result of input from
industrial waste such as alcohols and hydrocarbons.
How to interpret results
The acceptable range for high quality coldwater fisheries at 25 degrees Celsius is
between 300 – 1,500 μS/cm depending on the natural background at your particular
river site. There is no standard for marginal coldwater or warm water fisheries
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FIELD SHEET 4.4: CONDUCTIVITY

HOW TO MEASURE CONDUCTIVITY
Conductivity is measured with a conductivity meter. As of the revision
date of this instruction form, some meters measure in mg/L and others in
microsiemens per centimeter at 25 degrees Celsius (µS/cm at 25 °C.) The
meters that give values in mg/L TDS convert a conductivity measurement
into TDS automatically on the assumption that TDS is 1⁄2 of conductivity.
Over the next several years these older meters will be replaced with meters
that give results in µS/cm rather than mg/L TDS. In addition, some units
have automatic temperature compensation and some don’t. It is essential
that you know what units your meter reads and that you report the units
accordingly.
Measuring Conductivity
1. Check battery before going into the field.
2. Check instrument against a known conductivity standard before every
field trip (if you didn’t calibrate the instrument before the field trip, don’t
put a check in the “calibrated” box for conductivity field data on the
Watershed Watch Field Form).
3. Rinse the probe with sample water from the river.
4. Gather 50 – 100 mL of water in a clean plastic beaker. You can also place
the probe directly in the river water.
5. Put the probe in the sample beaker to a depth of about 1.5 inches. Do not
immerse the meter above the level of the display.
6. Stir the probe gently and wait a few seconds to allow the display to
stabilize. It takes up to about a minute for the metal probe to equilibrate
to the temperature of the water.
7. Observe and record the reading on the Watershed Watch Field Form.
Make sure to check your units of measure (µS/cm or mg/L TDS) and
report them accordingly on the Field Form.
8. Rinse the probe with distilled water. Turn off the meter and store it safely
in it’s storage box.
Calibrating the conductivity meter:
Each meter has it’s own instructions. The following steps are for the Oakton
TDS Testr 20.
1. Rinse the probe in tap or deionized water, then in a known calibration
solution.
2. Turn the unit on
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3. Dip electrode into the calibration standard solution.
4. Press CAL/CON button to enter Calibration mode. “CA” flashes on
the display. An uncalibrated value close to the calibration standard will
flash.
5. Wait at least 30 seconds (about 30 flashes) for the reading to stabilize.
Press the HOLD/INC button repeatedly to adjust the reading to match
the value of the known calibration standard.
6. Press CAL/CON button to confirm calibration. The display will show
“CO” and then switch to a calibrated conductivity reading.
7. For a second range, repeat steps 1-6.
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Water Quality Standards
Water quality standards set goals,
limits and rules for
each water body
and determine
which waters must
be cleaned up, how
much they must be
cleaned up.

The New Mexico Environment Department is responsible for enforcing a water quality standards under the federal Clean Water Act. Tribes also set water
quality standards that are enforceable in New Mexico. The general purpose of
water quality standards are to set goals, limits and rules for each water body.
They also determine which waters must be cleaned up, how much they must
be cleaned up.
The standards that your part of the river must achieve are based on the
segment’s designated use. Designated uses include human uses such as fish
consumption, drinking water supply, primary contact recreation and secondary
contact recreational uses. In addition, New Mexico standards define aquatic
life uses such as for fisheries, agricultural uses and wildlife habitat.
The state of New Mexico uses the Water Quality Control Commission
(WQCC) as the administrative body to update the water quality standards every three years (called a triennial review). The Standards of Interstate and
Intrastate Surface Waters lists the water quality standards by designated use
and describes the designated uses by stream segment for every river in New
Mexico. Each teacher should get a copy of this document to find the appropriate standards for your school’s stream segment (go to www.nmenv.state.us/
swqb/ssstop).
Summary of Relevant Designated Uses
Domestic Water Supply
Waters designated for domestic water supplies shall not contain concentrations that create lifetime cancer risks greater than one cancer per 100,000
exposed persons. The numeric standards in table 4-4 shall not be exceeded.
Fishery Standards
There are New Mexico state standards for:
Ø High Quality Coldwater Fisheries (HQCF)
Ø Coldwater Fisheries (CF)
Ø Marginal Coldwater Fishery (MCF)
Ø Warmwater Fishery
Ø Limited Warmwater Fishery
Most of the schools in the program are designated for HQCF, CF, or MCF.
The highest standards to achieve are for HQCF. A summary of these standards
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Table 4- 3: Water Quality Standards for fisheries

High Quality
Coldwater

Marginal
Coldwater

Warm
Water

Temperature

< 20 o C

< 25 o C

< 32 o C

pH

6.8 - 8.8

6.6 - 9.0

6.6-9.0

Conductivity (at 25
C)/1

300 -1500 µs/
cm

N/A

N/A

Turbidity (NTU = nephlo-

10 NTU

N/A

N/A

Dissolved oxygen

> 6.0 mg/L

> 6.0 mg/L

> 5.0 mg/L

Parameters for
different fisheries

metric turbidity units)

Ammonia is a gas (NH3) that is very soluble in water and toxic to
fish at quite low concentrations. However, it easily reacts with water
to form ammonia (NH3) and the ammonium ion (NH4+), which is not
toxic. Because the test we do with the Nessler method measures total
ammonia, the result is a combination of ammonia and ammonium, with
most of it ammonia (98%) at pH levels of 7 or 8 and normal stream
temperatures. When streams become more basic, at pH levels of 9
or higher, as much as half of the total ammonia may be in the toxic
form (NH3). Tables 4-5 and 4-6 on page 3-22 indicate levels of total
ammonia which are harmful because of the percentage of NH3 present
at various pH and temperature conditions.
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Table 4- 4: Water Quality Standards for water supply and fisheries.
Many fisheries standards for metals depend on hardness of the water.
These fisheries standards assume that hardness is 80 mg/L which not
uncommon for upper elevation streams in the mountains.

Chemical Name

Drinking
Water Supply
(in mg/L)

Fisheries
- Acute (in
mg/L)

Fisheries Chronic (in
mg/L)

Total phosphorus

N/A

0.1

N/A

Dissolved nitrate (as N)

10

N/A

N/A

Dissolved copper

N/A

0.014

0.001

Dissolved zinc

N/A

0.097

0.088

Dissolved aluminum

N/A

0.75

0.087

Total ammonia

N/A

see table 3

see table 3

Dissolved arsenic

0.05

N/A

N/A

Dissolved barium

1.0

N/A

N/A

Dissolved cadmium

0.01

0.003

0.001

Dissolved chromium

0.05

N/A

N/A

Dissolved lead

0.05

0.0615

0.0024

Total mercury

0.002

0.024

0.000012

Dissolved selenium

0.05

0.02

0.002

Dissolved silver

0.05

0.0277

N/A

Dissolved cyanide

0.2

N/A

N/A

Dissolved uranium

5.0

N/A

N/A
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Table 4-5

Table 4-6
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Calculation of Metal Standards in New Mexico Accounting for Water Hardness
1. Acute Standards.
Dissolved aluminum
Total mercury
Total recoverable selenium
Dissolved silver
Dissolved cadmium
Dissolved copper
Dissolved lead
Dissolved nickel
Dissolved zinc

750
2.4
20.0
e(1.72[ln(hardness)]-6.52)
e(1.128[ln(hardness)]-3.828)
e(0.9422[ln(hardness)]-1.464)
e(1.273[ln(hardness)]-1.46)
e(0.8460[ln(hardness)]+3.3612)
e(0.8473[ln(hardness)]+0.8604)

�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l

87.0
0.012
2.0
e(0.7852[ln(hardness)]-3.49)
e(0.819[ln(hardness)]+1.561)
e(0.8545[ln(hardness)]+1.465)
e(1.273[ln(hardness)]-4.705)
e(0.846[ln(hardness)]+1.1645)
e(0.8473[ln(hardness)]+0.7614)

�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l
�g/l

2. Chronic Standards.
Dissolved aluminum
Total mercury
Total recoverable selenium
Dissolved cadmium
Dissolved chromium
Dissolved copper
Dissolved lead
Dissolved nickel
Dissolved zinc

If you want to estimate hardness from your stream based on your conductivity data, multiply
your conductivity value by 0.3. Then use the formulas in the table above to estimate the acute
standards for dissolved metals.
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CHAPTER 5:
WATERSHED ECOLOGY
IN THIS
CHAPTER:
River Critter
Indicators
• Impacts on
the benthic
community
• Sample Collection
• Sample
Analysis
• What does
the data mean?
Riparian Survey

The health and
integrity of the
ecological
community of
insects can
occur only
when chemical,
physical and
biological
stressors are
neglible or minor.

Benthic Macroinvertebrate
and Riparian Habitat Assessment
INTRODUCTION
This chapter describes benthic macroinvertebrate and riparian habitat
monitoring and why they are important. A river is a combination of
physical, chemical and biological characteristics. Many chemical
characteristics change overtime, sometimes very rapidly to natural and
human-caused changes and still have very little cumulative effect on living
organisms in rivers. Benthic and riparian area studies may tell us more
about the condition of rivers and streams than conventional chemical
monitoring techniques. Studying river insects and riparian habitat can tell
us about changes that chemical monitoring may miss.
The health and integrity of the ecological community of insects can occur
only when chemical, physical and biological stressors are neglible or minor.
For instance, river insects that have preferred environmental conditions,
such as Stoneflies that like cool, clear water with lots of oxygen, can
disappear from the river community when urban development increases
rapid water runoff and decreases water quality. New Mexico Watershed
Watch supports biological monitoring. The focus on living organisms helps
evaluate the chemical, physical, and biological impacts and their cumulative
effects.
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Benthic insects tell
a story about the
direct impacts
of a variety of
stressors and their
cumulative effects.

BENTHIC MACROINVERTEBRATE COLLECTION
AND ANALYSIS METHODS
The word “benthic” means bottom dwelling and refers to organisms that live on
the bottom (substrate) of a river, stream or lake. The term “macroinvertebrate”
means the organisms without a spine (invertebrate) that can be seen without the
aid of a microscope or can be seen by the unaided eye.
Aquatic insects are excellent long-term indicators of stream and watershed
health. Because the insects must live in the river all year long, they integrate
the results of the impacts of overall water quality conditions. For example,
watersheds with historic and current overgrazing or urban areas with over 25%
of impervious surface tend to have benthic communities that are less diverse
and more dominated by pollution-tolerant insects than watersheds that are less
disturbed by human communities (May et.al. 2000). Benthic insects tell a story
about the direct impacts of a variety of stressors and their cumulative effects.

The workbook presents two levels of collection and analysis of benthic
macroinvertebrate samples.
Collection:
1. One (1) meter wide kicknet and “pick” sampling.
This method offers the lowest level of quality assurance, but is exciting and
usually appropriate for younger students and for schools with little time or
interest for classroom analysis of insects.
2. Frame dip-net sampling.
This method allows you to sample in several areas of the stream to create a
composite sample that is more representative of the diverse substrate habitats
than the kicknet sample.
Sorting:
1. Identification, sorting and counting to the taxonomic level of Order.
This level of analysis provides a general idea of the richness of biodiversity of
the benthic macroinvertebrate community. Key indicator insect groups include
stoneflies, mayflies and caddisflies. This level of analysis is most appropriate
for younger students and schools short on time in the field and class to identify,
sort and count the insects.
2. Identification, sorting and counting to the taxonomic level of Family.
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Family level analysis offers more detailed measurements of the health of the

CHAPTER 5: WATERSHED ECOLOGY

Which of the
sampling and
analysis methods
you use
depends on
the goals and
resources of
your class and
curriculum.

stream than the order level analyses. Information on the families of insects
draws from lots of data on tolerance to pollution, functional feeding groups,
and several other measurements of diversity. Use the Watershed Watch
Family Level Analysis spreadsheet on Page 5-12.
Which of the sampling and analysis methods you want to use depends on the
goals and resources of your class and curriculum. A very simple kicknet and
order sorting (sampling and analysis options 1) takes only about 1 hour carried
out entirely in the field. The family-level analysis typically requires about 4-6
hours of class time for about 15 students to do the sorting for the first time.
The family-level analysis is a more sensitive assessment of conditions and
can detect shifts in community composition within major groups that might
result from pollution or habitat alteration. However, identifying some families
is quite difficult and requires the assistance of an experienced resource person.
Certain tools, such as a reference collection of insects, can help students in
future years to sort insects faster without starting from scratch.
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RIVER CHARACTERISTICS THAT AFFECT
BENTHIC MACROINVERTEBRATE COMMUNITIES
This section briefly presents the physical, chemical, and biological
characteristics of the river ecosystem and describes how these change upstream
to downstream
1. Physical River Characteristics
Elevation: The height above sea level impacts how far the river drops from
source to mouth. This affects a number of characteristics such as gradient,
temperature, and shading.
Gradient: The slope of the river determines the current velocity and bottom
composition.
Flow: The amount of water in the river determines the amount of bottom
covered by water. In New Mexico, drought and irrigation diversions can
severely impact the benthic community and water quality of rivers by
constraining the insects to stagnant pools or completely removing their habitat
when rivers are dewatered.
Water clarity: The clarity or turbidity of the water affects the depths to which
light can penetrate and stimulate biological activity. This is usually the result
of road building and sediment being deposited in the stream.
Shading: The shade provided by trees, shrubs, and banks helps moderate
stream temperatures in the summer and provides food for stream animals.
Temperature: Some macroinvertebrates and fish are very sensitive to
temperature levels and fluctuations. It also affects the amount of oxygen that
water can hold (cold water can hold more oxugen than warm water) and that is
available to macroinvertebrates and fish.
Percent of area of impervious surface and disturbed soil and plant
communities: Studies have shown that as the total impervious area in
a watershed exceeds as little as 5%, the benthic and macroinvertebrate
communities begin to degrade rapidly (May et.al, 2000). Large fires or
extensive overgrazing can severely alter runoff quantity and quality and flow
patterns, which can have negative effects on macroinvertebrate communities.
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2. Chemical Characteristics
Nutrients (phosphorus and nitrogen): Phosphorus and nitrogen are essential
plant and animal nutrients that, in excess amounts, can cause rapid increases
in biological activity of plants and bacteria and in high enough amounts may
become toxic. Excessive amounts of plants reduce the amount of habitat
available to some macroinvertebrates, fish eggs and fish. This may disrupt
the ecological cycle of the stream so that certain biological communities
experience severe mortality.
Dissolved oxygen (DO): Water contains oxygen in dissolved form. Oxygen
is added to the water through turbulence, gas exchange at the water’s surface,
and as a by-product of plant photosynthesis. Oxygen gets removed from water
by chemical oxidation, respiration of aquatic animals, and decomposition.
Some aquatic life require high and stable levels in order to flourish.
3. Biological Characteristics
In-stream (autochthonous) versus Riparian (allocthonous) food production:
This characteristic is the amount of living plant material produced instream versus that which drops in from the area along the stream. In-stream
production depends on the availability of sunlight and the availability of
nutrients. Some food types produced in the stream, like algae, are important
food and habitat sources for some macroinvertebrates.
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SAMPLE COLLECTION METHODS
When to Collect
Collect at least one sample per year during the fall after the summer monsoons have
ended. Sample every year at about the same time to do a long-term study. This
provides much more valuable information than data from one sample. Fall samples
are valuable since they reflect the effects of summer high temperatures (and in some
rivers, low flows) that place stress on organisms. If you have time, collect a second
sample in the spring just before spring runoff occurs from snowmelt.
Where to sample
Where to sample depends on the purpose of your research. Sample
in riffles if you want to learn the most information about the insects
that have low tolerance to pollution. Over the years most schools
and professionals in New Mexico have sampled in riffles. However,
to learn about the broad diversity of benthic insects in your stream,
you want to sample in a variety of habitats such as slow water areas,
small logs, undercut banks, leaves, and in riffles using the dip net
method in Collection Level 2.

Collection level one or two?

To learn about the
broad diversity
of benthic insects
in your stream,
sample in a variety
of habitats.

Which of the sampling and analysis methods you want to use depends on the goals
and resources of your class and curriculum. A very simple kicknet and order sorting
(sampling and analysis options 1) takes only about 1 hour carried out entirely in the
field. The family-level analysis typically requires about 4-6 hours of class time for
about 15 students to do the sorting for the first time. The family-level analysis is a
more sensitive assessment of conditions and can detect shifts in families within major
groups that might result from pollution or habitat alteration. However, identifying
some families is quite diffiicult and requires the assistance of an experienced resource
person. Certain tools, such as a reference collection of insects, can help students in
future years to sort insects faster without starting from scratch.
Use Level 2 Collection when you want to sample different habitats. Repeat the
sampling in three more places upstream to sample one square yard of area. Mark on
the Benthic Collection sheet the number of riffle and pool samples in the composite
sample and the total area that you sampled. Keep a copy of the field collection record
so that you can repeat the method next year and more precisely compare data over the
years.
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Shann Stringer of the New Mexico Environment Department (NMED)
suggests that you sample to assess the broad diversity of habitats, and therefore
insects, in the stream. According to him, most of NMED’s data from past
years focuses on riffle areas almost exclusively. However, certain families
of insects that occur in slow moving pool areas provides more detail on the
gradations of pollution than the presence or absence of families in riffle areas.
He suggests that teachers consider preserving samples from diverse habitats
that could be further analyzed by professionals in future years because of the
scarcity of data in these areas of the stream.
Level 1 Collection
Using a 1 meter wide kicknet and “pick” sampling.
This method offers an exciting way for students to discover a variety of
insects in the stream. However, the method has limited scientific value
in terms of comparing samples each year. This method is appropriate for
introducing younger students to river ecology.
Collection steps

Creating a
composite sample
from several areas
of the stream is
more representative of the diverse
substrate habitats.

Ask two students with waders to hold the kicknet screen perpendicular to the
flow of the river and tilted slightly back with the flow in the river. Have the
third student stir up the rocks in an area approximately one meter upstream
from the screen so that the critters release from the rocks and get caught in
the screen. For consistency, the area disturbed by the kicking should be the
same for each time that you collect a sample. Try to be thorough in scraping
and turning over rocks in all parts of the one square meter area. While trying
not to lose insects, remove the net from the water and put it on the bank. Pick
off at least 100 bugs which may take up to 15 or 20 minutes. Remind all the
people picking to collect small and big critters and not to focus on only ones
moving, but also collect other critters under leaves and on sticks. Put the
insects in a small white tray for sorting next to the stream.
Level 2.
Frame dip-net sampling.
This method allows you to create a composite sample from several areas of
the stream that is more representative of the diverse substrate habitats than
the kicknet sample. In addition, little sample gets lost around the sides if care
is taken while scraping rocks.
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Collection Steps
Assemble a team of three people, one to hold the kicknet and two to scrape all
rocks in a 18 inch x 18 inch square area just upstream of the kicknet bar in the
substrate. Make sure to bury the lower edge of the frame well (up to 2 inches
once past the cobbles) into the substrate so that no specimens are lost under the
net. Have two students turn over each rock in the sample area and then one
student kick (more like do the “twist” ) inside the sample area. Carefully lift
the frame and net bag towards the current to prevent sample loss.

The order level
analysis provides
a general idea of
the richness of
biodiversity
of the benthic
macroinvertebrate
community.

Take the net and gently gather the
sample in a five gallon paint bucket by
pouring water through the net, gently
scraping the net with a wide paint
brush and finally picking the net with
forceps. Pour the sample from the
paint bucket through a sieve bucket
lined with 500 µm (micron) net. Once
the entire sample is in the sieve bucket,
gently scrape the sample with fingers
and the brush into a 1 quart Mason
jar. Check the sides of the buckets for
clinging critters during every transfer
step. Remove these with forceps
and place them into the jar. Cover
the sample in the jar with 90% ethyl
alcohol to preserve it in the lab later.
Label the jar with a wax or indelible ink
pen as shown below.

State & County: NM, Sandoval
Site name: Jemez River, 2.5 miles above
Hwy 99
Date: 16 Aug, 2002
Habitat type (Riffle, Mixed, other): Riffle
Collection method: Dipnet
Collectors: Ms. Anna Gahl’s Bio 2
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NEW MEXICO WATERSHED WATCH ORDER KEY

Stream Insects
&
Crustaceans
GROUP ONE TAXA – Pollution sensitive
Organisms; found in good quality water.

1 Stonefly: Order Plecoptera. 1/2” –1 1⁄2”,
6 legs with hooked tips, antennae, 2 hairlike tails. Smooth (no gills) on lower half of
body. (See arrow.)

3

2 Caddisfly: Order Trichoptera. Up to 1”,
6 hooked legs on upper third of body, 2
hooks at back end. May be in a stick, rock
or leaf case with its head sticking out. May
have fluffy gill tufts on underside.

4

3 Mayfly: Order Ephemeroptera. 1/4’’ –1”,
brown, moving, plate-like or feathery gills
on sides of lower body (see arrow), 6 large
hooked legs, antennae, 2 or 3 long, hair-like
tails. Tails may be webbed together.
4 Dobsonfly (Hellgrammite): Order
Megaloptera. 3/4’’ - 4’’, dark-colored,
6 legs, large pinching jaws, eight pairs
feelers on lower half of body with paired
cotton-like gill tufts along underside, short
antennae, 2 tails and 2 pairs of hooks at
back end.
5 Riffle Beetle: Order Coleoptera.
1/4’’, oval body covered with tiny
hairs, 6 legs, antennae. Walks slowly
underwater. Does not swim on surface.

5

6 Water Penny: Order Coleoptera. l/4’’, flat
saucer-shaped body with a raised bump
on one side and 6 tiny legs and fluffy gills
on the other side. Immature beetle.
7

8A

7 Gilled Snail: Class Gastropoda. Shell
opening covered by thin plate called
opercu-lum. When opening is facing you,
shell usually opens on right.

GROUP TWO TAXA – Somewhat pollution
tolerant organisms; can be in good or fair
quality water.

8B

8A Dragon Fly: Order Odonata, Suborder
Anisoptera. 1/2”– 2”, large eyes,
6 hooked legs. Wide oval to round
abdomen.
8B Damselfly: Order Odonata, Suborder
Zygoptera. 1/2” –1”, large eyes, 6 thin
hooked legs. 3 broad oar-shaped tails,
positioned like a tripod. Smooth (no gills)
on sides of lower half of body. (See arrow.)

GROUP TWO TAXA
9

10

CONTINUED

9 Crayfish: Order Decapoda. Up to 6’’,
2 large claws, 8 legs, resembles small
lobster.
10 Sowbug: Order Isopoda. 1/4’’ - 3/4’’,
gray oblong body wider than it is high,
more than 6 legs, long antennae.
11A Alderfly Larva: Order Megaloptera.
1’’ long. Looks like small hellgrammite
but has 1 long, thin, branched tail
at back end (no hooks). No gill tufts
underneath.

11A

11B Fishfly Larva: Order Megaloptera.
Up to 1 1⁄2” long. Looks like small
hellgrammite but often a lighter
reddish-tan color, or with yellowish
streaks. No gill tufts underneath.

11B

12 Scud: Order Amphipoda. 1⁄4”, white to
gray, body higher than it is wide, swims
sideways, more then 6 legs, resembles
small shrimp.

12

13 Beetle larva: Order Coleoptera. 1⁄4”
– 1”, light-colored, 6 legs on upper half of
body, feelers, antennae.

13

14 Watersnipe Fly Larva: Order Diptera.
1⁄4” – 1”, pale to green, tapered body,
many caterpillar-like legs, conical head,
feathery “horns” at back end.
15 Crane Fly: Order Diptera. 1/3’’ - 2’’,
milky, green or light brown, plump
caterpillar-like segmented body. 4 fingerlike lobes at back end.
16 Clam: Class Bivalvia

16

GROUP THREE TAXA –

Pollution tolerant organisms; can be in any quality
of water.

17

17 Midge Fly Larva: Order Diptera. Up
to 1/4’’, dark head, worm-like segmented
body, 2 tiny legs on each side.

19

18

18 Leech: Order Hirudinea. 1/4’’ -2’’, brown,
slimy body, ends with suction pads.
19 Blackfly Larva: Order Diptera. Up to
1/4’’, one end of body wider. Black head,
suction pad on other end.

18

20 Aquatic Worm: Order Worm. 1/4’’-2’’,
can be very tiny; thin worm-like body.

20
21

22

21 Pouch Snail and Pond Snails: Class
Gastropoda. No operculum. Breathe air.
When opening is facing you, shell usually
opens on left.
22 Other Snails: Class Gastropoda.
No operculum. Breathe air. Snail
shell coils in one plane.

Adapted for New Mexico Watershed Watch
from Save Our Streams, Isaak Walton League,
Gaithersburg, MD

CHAPTER 5: WATERSHED ECOLOGY

Key indicator
insect groups
include
Ephemeroptera,
Plecoptera, and
Tricoptera.

SAMPLE SORTING METHODS
IN THE FIELD AND IN THE CLASSROOM/LAB
Level 1 Analysis to the
Orders and Classes
This level of analysis provides a general idea of the richness of biodiversity
of the benthic macroinvertebrate community. Key indicator insect groups
include mayflies (Ephemeroptera), stoneflies (Plecoptera), and caddisflies
(Tricoptera). This level of analysis is most appropriate for younger students
and schools short on time in the field and class to identify, sort and count the
insects.
Order level analysis can be done in the field or in the classroom. Set students
in groups of 2-3 people per workstation. Each work station needs to have
the same number of forceps as students, a white tray filled with sample, and
labelled petri dishes. The number of labelled petri dishes depends on the time
you have to sort the sample and level of detail you expect for the research.
For very young groups fewer trays are better. At a minimum use four
petri dishes labelled mayflies (Ephemeroptera), stoneflies (Plecoptera), and
caddisflies (Tripcoptera) and a fourth petri dish labelled Other for orders such
as Diptera (True flies), Odonata (Dragon and Damselflies) and classes such as
Oligachaeta (Worms). The major groups are:
(Plecoptera)

Order: EPHEMEROPTERA
Order: PLECOPTERA
Order: TRICHOPTERA
Order: OTHER DIPTERA

Family: Chironomidae

Caddisflies
Other True Flies
Midges
Craneflies

Family: Simulidae

Blackflies

Order: ODONATA
Order: MEGALOPTERA

Beetles
Dragonflies & Damselflies
Dobsonflies

Order: LEPIDOPTERA

Moths

Order: AMPHIPODA

Scuds

Order: ISOPODA
(Tricoptera)

Stoneflies

Family: Tipulidae
Order: COLEOPTERA
(Ephemeroptera)

Mayflies

Sowbugs

Class: OLIGOCHAETA

Bristle Worms

Class: GASTROPODA

Snails

Class: PELECYPODA

Clams

Class: HIRUNDINEA

Leeches
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New Mexico Watershed Watch

BENTHIC ANALYSIS TO FAMILY LEVEL WORKSHEET
Site name:

River/Stream:

Date Sampled:

Analyst's Name(s):
If sub-sampled, fill out following:
# Squares Picked
Total # Squares in Tray Grid

Date of Lab Work:
Families in
Major Groups
T FFG
EPHEMEROPTERA (E)
Baetidae
5 GC
Caenidae
6.7 GC
Ephemerellidae
2 GC
Ephermeridae
3 GC
Heptageniidae
4.4 SC
Leptophlebiidae
3 GC
Metretopodidae
2 GC
Oligoneuriidae
2 FC
Polymitarcylidae
2 GC
Potomanthidae
2 GC
Siphlonuridae
6 GC
Tricorythldae
6 GC
Example
Other
Subtotal E
PLECOPTERA (P)
Capniidae
2 SH
Chloroperlidae
1 GC
Leuctridae
0 SH
Nemouridae
2 SH
Perlidae
2 PR
Perlodidae
2 PR
Pteronarcyidae
1 SH
Taeniopterygidae 3 SH
Other
Other
Subtotal P
MEGALOPTERA (M)
Corydalidae
3 PR
Sialidae
4 PR
Other
Other
Subtotal M
LEPIDOPTERA (L)
Pyralidae
5 SH
Other
Other
Subtotal L
COLEOPTERA (C)
Elmidae
5 SC
Hydrophilidae
6.7 GC
Dytiscidae
6.7 PR

D
# found
1

1

TxD

%

5
0
0
0
0
0
0
0
0
0
0
0
0
0
5

100%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
100%

0

0
0
0
0
0
0
0
0
0
0
0

0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%

0

0
0
0
0
0

0%
0%
0%
0%
0%

0

0
0
0
0

0%
0%
0%
0%

0
0
0

0%
0%
0%

Families in
Major Groups
TRICHOPTERA (T)
Brachycentridae
Glossosomatidae
Hydropsychinae*
Hydroptilidae
Leptoceridae
Limnephilidae
Odontoceridae
Philopotamidae
Polycentropodidae
Psychomyiidae
Rhyacophilidae
Heliopsychidae
Lepidostomatidae
*Arctopsychinae
Other
Subtotal T
DIPTERA (D)
Athericidae
Blephariceridae
Ceratopogonidae
Chironomidae
Culicidae
Ephydridae
Empididae
Muscidae
Psychodides
Simuliidae
Stratiomyidae
Tabanidae
Tipulidae
Other
Subtotal D
ISOPODA (I)
Asellidae
Other
Subtotal I
DECAPODA (I)
Astacidae
Other
Subtotal I
OTHER
Oligochaeta

T

FFG

2
1
6
5
5
5
1
3
6
3
1
3
1
1

FC
SC
FC
GC
GC
SC
SH
FC
FC
GC
PR
FC
SH
FC

2
0
7
7
10
7
7
7
3.3
6
7
6
3

8

7

8

D
# found

TxD

%

0

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0

0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%

0

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0

0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%
0%

0

0
0
0

0

0
0
0

0%
0%
0%

0

0%

PR
SC
PR
GC
PR
GC
FC
PR
GC
PR
GC
GC
GC

SH

GC

GC

0%

BENTHIC ANALYSIS TO FAMILY LEVEL WORKSHEET
PAGE 2

Haliplidae
Dryopidae
Other
Other
Subtotal C
ODONATA (O)
Aeshnidae
Agrionidae
Coenagrionidae

6
8
8

Cordulegastridae
Gomphidae
Lestidae
Libellulidae
Subtotal O
AMPHIPODA (A)
Gammaridae
Talitridae

5
5

SH
SC

0
0
0
0
0

0%
0%
0%
0%
0%

PR
PR
PR

0
0
0

0%
0%
0%

5

PR

0

0%

4

PR

0

0%

7
8

PR
PR

0
0
0

0%
0%
0%

0
0

0%
0%

0
0

0%
0%

0

0
6
8

GC
GC

Other
Subtotal A

0

EPT RICHNESS = RE+RP+RT
# Ephemeroptera Families
# Plecoptera Families
# Trichoptera Families
EPT Richness (Total)

% Composition of FFG

Scrapers
Filtering Collectors
Gathering Collectors
Predators
Shredders
Unkown

Total

0%
0%
100%
0%
0%
100%

* Arctopsychinae is a subfamily of
Hydropsychidae
Jerry Jacobi, Mr. Benthos of New Mexico,
.
updated
the tolerance values for the year 2000.
Geoff Dates of River Network inspired us to take
his version of the spreadsheet and create our
very own for New Mexicos watersheds. Much
thanks to them. RES

7
8
7
7

PR
SC
FC
GC

TOTALS

EPT Richness
Total Taxa Richness
Family Biotic Index
% Contribution of Dominant Family

% COMPOSITION OF
MAJOR GROUPS
EPHEMEROPTERA

1
0
0
1

SC
FC
GC
PR
SH

Hirudinea
Gastropoda
Pelecypoda
Turbellaria
Other
Subtotal Other

100%

PLECOPTERA
TRICHOPTERA
CHIRONOMIDAE
OTHER DIPTERA
COLEOPTERA

0%
0%
0%
0%
0%

ODONATA
MEGALOPTERA
LEPIDOPTERA
AMPHIPODA
ISOPODA
OLIGOCHAETA
GASTROPODA
PELECYPODA
OTHER

0%
0%
0%
0%
0%
0%
0%
0%
0%

Codes:

(1) T = pollution tolerance from Hilsenhoff
(2) D = Density
(3) % = percent of sample
(4) FFG = functional feeding groups

0

0
0
0
0
0
0

0%
0%
0%
0%
0%
0%

1

5

100%
1

1
5.00
100%

CHAPTER 5: WATERSHED ECOLOGY

Family-level
analysis offers
much more
detailed measurements of the health
of the stream than
sorting insects to
order level.

Have the students sort their sample using the Watershed Watch Order Key.
Identify as much of the sample as possible or use the sub-sampling technique
described by River Watch Network in the Appendix. Have the students tally
the number of insects in each category at each station in a table. Use the
calculations in the data interpretation section to develop findings about the
condition of the benthic community and river that supports the critters.
If you are interested in the possibility of professional review and verification of
the data, archive the sample on a shelf in your storage room. You can archive
the sample by collecting all of the sorted insects into labelled vials filled with
ethyl alchohol. Put these vials and any part of the sample that wasn’t sorted
into a labelled 1 quart mason jar filled with ethyl alchohol. If you don’t have
space or don’t want to store the sample, you may contact Rich Schrader or
Shann Stringer to arrange for the possibly of storage at the New Mexico
Environment Department. Remember to label all containers with the details on
p. 5-8.
Level 2 Analysis to the Family and Classes
Family-level analysis offers more detailed measurements of the health of
the stream than sorting insects to order level. Information on the families of
insects draws from lots of data on tolerance to pollution, functional feeding
groups, and several other measurements of diversity.
The steps for sorting to families can begin two ways:
1. Proceed from where you left off in sorting to orders by further
identifying the insects to the family level.
2. Sort the insects to order as you sub-sample the entire sample using the
River Network methods in Appendix 1 (see pages X -11 for details on
sorting to family level).
Appendix 2 provides a New Mexico-specific family key. Start with this
dichotomous key which uses “couplets” - two mututally exclusive statements
regarding physical characteristics of the organism - and illustrations that
highlight the characteristic being found.
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CHAPTER 5: WATERSHED ECOLOGY

SUMMARIZE & INTERPRET
YOUR BENTHIC MACROINVERTEBRATE DATA
Now that you’ve got data on your field and lab sheets, you’ll need to work with
the data to describe the conditions of your stream. To summarize data, you’ll
do several calculations on the abundance, diversity, and composition of your
samples. Then you’ll compile the summaries into table or chart form and use
them to interpret the extent of impairment of the biological condition of the
benthic community.
Data interpretation will take several analytical steps to answer the questions
you asked at the beginning of your study, such as the impacts of pollution.
You can compare your results to general reference conditions (the best
attainable conditions in a region) or to the results of a reference site you’ve
sampled in your watershed.
Benthic Metrics
Metrics are calculated values which describe the abundance, diversity,
composition, and pollution tolerance of your samples. You can automatically
calculate many of these metrics in the Watershed Watch family level
spreadsheet (spreadsheet provided by program staff, hardcopy on p. 1213). You can calculate them in your head or using a calculator in the field
or in the lab. For Level 1, you’ll need to calculate these with the class at the
chalkboard. For Level 2 , definitely use the family level spreadsheet.
Organism Density per Sample: Estimate the total number of individuals
in the sample. This count indicates how biologically productive your
stream and watershed are in terms of producing insects. Even if there are
many organisms, a low diversity and low percentage of sensitive families
may indicate a degraded habitat. The level 2 collection method has much
better precision in terms of producing replicable samples than level 1.
Inconsistencies in level 1 collection make it unreasonable to compare samples
using this metric.
Total Number of Taxa: This metric measures the overall variety of the
assemblage of the types of bugs in the sample. Estimate family richness
for level 1 and 2 collection methods. If you only sort to order, this metric
is important but much less telling than if you sort to family. Once you go
to family level, you can compare changes in the number of EPT (Mayfly,
Stonefly, and Caddisfly) taxa, and Diptera (True Flies). If you go to genus
level (go for it!!!), you can look at the change in number of Chironomidae
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(Midge or Noseeum larvae) taxa, which apparently decreases in response to
pollution.

Consult with your
state aquatic
biologists at the
Surface Water
Quality Bureau at
the New Mexico
Environment
Department they have a good
sense of what to
expect for your
ecoregion.

EPT Family Richness. The total number of mayfly (E), stonefly (P), and
caddisfly (T) families present. This is an estimate if organisms are only
identified to order.
% Composition of Selected Major Groups. The percent of the sample in
selected major groups. Encourage your students to use MS Excel or another
spreadsheet program to make a pie chart of this data (see example on p. 2-10).
If you go to family level, a decrease in percent of stonefly (Plecoptera) and
caddisfly (Tricoptera) larvae indicates a response to increasing pollution. An
increase in percent of Diptera (true fly) larvae also points to possible increased
pollution.
Consult with your state aquatic biologists (Shann Stringer, Stephanie Stringer,
Jerry Jacobi, Seva Joseph and others - just ask Rich or go directly to the
individuals above) at the Surface Water Quality Bureau at the New Mexico
Environment Department. They have a good sense of what to expect for your
ecoregion and elevation of your river segment. They may even know of a
decent reference site nearby. You can compare your results with their estimates
based on historical data in the ecoregion.
Quantitative Similarity Index (from Shackleford, 1988): This shows the
percent similarity between two sites based on the percent of the sample in
each of the major groups. Calculate the % of each sample in each of the major
groups listed on page 5-11 for the two sites you are comparing. Compare
the percent in each major group for the two sites against the reference site
percentages and select the lower of each pair of percentages (between the
reference site and the site you’re comparing). Add these percentages together
and this is the quantitative similarity index.
Family Biotic Index (Hilsenhoff 1982, Barbour et al. 1992 and others):
This method uses tolerance values to weight abundance in an estimate of
overall population. Use the tolerance values in the family level spreadsheet
(p. 5-12) that were developed with the advice of Jerry Jacobi and Geoff Dates
based on their professional understanding of pollution impacts in New Mexico
and the Rocky Mountain West.
A value of 10 indicates an insect has a very high tolerance to sediment,
toxics or other types of pollution and does not require high quality watershed
conditions to survive. A value of 0 or 1 signifies that the insect is very
sensitive to disturbance or pertubation and indicates excellent watershed and
riparian habitat conditions.
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There are several families in the mayfly order, some of which have lower
tolerances to pollution than other mayfly families. Stoneflies are usually the
first families that will start to disappear with perturbation. Caddisflies also
have families sensitive to pollution, but some families (e.g. Hydropsychidae)
are very tolerant and can live in disturbed conditions. If the sample is
dominated by midges or worms, the stream are probably degraded by human
activities.
Jacobi (1995) found that benthic macroinvertibrate communities at sites above
7,000 feet generally have higher diversity than communities at sites below this
elevation. The following table may be used for interpreting your data.
Family Biotic Index
Above 7,000 Below 7,000
< 3.5

3.5 - 4.5

4.6 - 6
6.1 - 7.5

> 7.6

<5

5.1 - 6

6.1 - 7.5
7.6 - 9

> 9.1

Watershed Health
Excellent condition. Presence of high
proportion of organisms that are intolerant
to pollution which indicates little or no
disturbance.
Good condition. Sub-optimal presence of
organisms that are intolerant to pollution
which indicates some disturbance such
as sediment, toxic chemicals or organic
enrichment.
Fair condition. Greater number of pollutiontolerant insects indicates moderate impacts
from development.
Poor condition. Significant number of
pollution-tolerant
organisms indicates
significant disturbance.
Very poor condition. Nearly all organisms are
pollution tolerant which indicates very poor,
highly disturbed watershed above the stream
reach.

Dominants in common (from Shackleford 1988): Find the five most
common families in your sample. Compare the number of families in
common between any site and the reference site.
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Functional feeding groups: Use the family level analysis spreadsheet to
determine the dominant feeding types of the insects in your sample. Scientists
predict that the % of omnivores and scavengers will increase with pollution.
The % of shredders of coarse leaf litter will decrease in an area where riparian
areas have been degraded.
Scientists have found that specialized feeders, such as scrapers, piercers,
and shredders are the more sensitive organisms and are thought to be well
represented in streams (EPA Rapid Bioassessment 1999).
Ratio of % of EPT (mayfly, stonefly and caddisfly)/Chironomidae %: Use
your family data to divide the sum of all mayfly, stonefly and caddisfly families
by the percentage of the sample consisting of midges or Chironomidae larvae.
New Mexico currently lacks clear biocriteria to assess the biological integrity
of New Mexico rivers. This makes it more difficult to interpret your data since
no state standards are available to determine if a river system is in attainment
of it’s designated uses.
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RIPARIAN HABITAT ASSESSMENT METHODS

Many people
recognize the
importance of
riparian areas
in terms of their
ability to provide
habitat to wildlife,
reduce flood and
erosion hazards
and offer cool
shaded areas
for animals and
humans alike.

Many people recognize the importance of riparian areas in terms of their
ability to provide habitat to wildlife, reduce flood and erosion hazards and
offer cool shaded areas for animals and humans alike. The New Mexico
Watershed Watch method for assessing riparian areas draws heavily on the
EPA Rapid Bioassessment (1999), but it also draws upon the expertise of
regional experts such as Jim Tolisano and Dr. William Fleming. The method
emphasizes fisheries in smaller order streams (1-3) and focuses several
measurements on fisheries. If your watershed is too small to support fish,
certain parameters such as water flow should be given less weight as a factor
in the final score.
Materials needed:
Riparian survey field form
2 tape measures of up to 100 feet
Discharge (waterflow) sampling materials
Benthic macroinvertebrate sampling materials
Riparian Areas - What and Why?
The term riparian evolved from the Latin word rip(a) meaning of, adjacent
to, or living on the bank of a stream, lake or pond. A riparian area generally
parallels the edges of all stream channels and lakes. It is an area where the
river or stream regularly floods the land next to it and later withdraws to a
narrower channel. The soils in riparian areas are typically rich with nutrients
and water: they have higher water tables and more nutrients than the upland
soils bordering the floodplain and thus support plants that are often distinct
from those outside the streamside zone. More than a billion people in the
world live on the edge between water and land where ecosystems are the most
productive (Marsh, 1991). In the high desert of New Mexico, riparian areas
provide important resources for wildlife and humans.
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One of the first things people notice about riparian areas is that they generally
have a greater variety of types and sizes of vegetation and in greater
abundance than in the adjacent uplands. For example, the variety of height
classes offers diverse habitat for wildlife due to large number of vertical layers.
This is known as an edge effect. Riparian areas in semiarid and arid regions
produce far more edges within a small area than in adjacent lands. Look at
the difference in variety of geometry (edges) of a degraded versus recovered
riparian area.
Degraded
Riparian Areas

Recovered
Riparian Areas

Riparian plants can also provide shade on the river and its banks. This effect
can have benefits for wildlife and humans. The shade of the riparian tree
canopy protects the water from the sun and cools the water which in turn will
increase oxygen in the water. A healthy riparian tree canopy keeps water at
temperature that can sustain many organisms that have low ranges of tolerance
for temperature and oxygen. The thermal protection of riparian plants also
benefits people and animals who want to cool down during hot days.
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Riparian areas provide migration routes and corridors between habitats for

many animals by offering food, water and cover while animals move through
the landscape. The river corridor can offer a pathway from the mountains to
the plains. Animals can pass along this route and still be near water and cover
while they move between summer, fall/spring and winter ranges.
A great abundance of riparian plants form a filtering mechanism for sediment
and nutrients in the stream. Studies suggest that riparian vegetation is
effective in taking up pollutants such as sediment, organic materials and trace
metals (Schuler, 1987). The reduction of sediment in the stream benefits the
benthic macroinvertibrate communities and people. Healthy vegetated banks
act as natural sponges by maintaining the soil structure, allowing increased
infiltration of water, and reducing bank erosion and overbank flooding.
People and riparian areas
Riparian areas were frequently the first areas to be settled by European
immigrants. The rivers and fertile valley flood plains offered water, an
abundance of game, fish and other readily harvestable natural resources. It
is no wonder that riparian areas, though the most rich biologically, have been
impacted greatly by human development.
Farmers often cultivate land in the
floodplain because of the rich soil
found there. Ranchers rely on riparian
areas for watering and feeding their
cattle. Both farming and grazing can
severely impact riparian areas if the
uses are poorly managed. Clearing
land for cultivation close to stream
banks and changing the water cycle in
these areas can have bad effects for the
structure of river banks. Sometimes
mismanagement causes erosion of
rich soil. Livestock, like wildlife, are
attracted to shade, water, and forage in
riparian areas.
If riparian areas are grazed, these areas must be managed carefully to
maintain the quality of water for people, fish, and plants. One of the greatest
challenges facing people living in rural areas is finding methods for using
land in riparian areas without severely reducing the natural benefits of healthy
riparian zones.
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Methodology of the Riparian Survey

The quality of the
riparian habitat
refers to how well
it supplies the
physical, chemical
and biological
needs of the
organisms living
there.

You can use the Watershed Watch method in two ways to study two different
questions. If you know of a good reference site in your area you can compare
conditions of your regular monitoring site with those at the reference
location. The reference site information must be drawn from established
references (U.S. Environmental Protection Agency, 1990) or from your own
or a professional’s best judgement. The second question you can answer is
to compare conditions at two sites on different segments near your regular
monitoring site.
Riparian “health” is defined here as a set of environmental conditions that
result in the long-term sustainability of the riparian habitat. The quality of
the riparian habitat refers to how well it supplies the physical, chemical and
biological needs of the organisms living there. Riparian ecosystem structure
and function respond to both abiotic and biotic forces, and this method focuses
on 12 indicators of the health of these forces, ranging from vegetation cover
to streambed geology. The method applies the 12 criteria to numerically
evaluate riparian habitat using geomorphological and biological parameters.
Each criterion is semi-quantitatively evaluated on a scale of 1 to 4, with 4
the healthiest and 1 the least healthy. This approach is based upon systematic
sampling by the authors in numerous watersheds in New Mexico.
Several authors, such as Barbour and Stribling (1991) and Jacobi et al. (1995),
have suggested criteria for evaluating the health of riparian habitats in the
Western United States. Although their criteria are oriented toward stream
habitats for fish, indices have been adapted for a wider range of organism
classes, including birds. A riparian environment that is healthy for fish and
birds is considered healthy for a wide range of ecosystem organisms (Chiras
1998; Nebel and Wright 1998). The following field form describes the criteria,
beginning with riparian vegetation structural diversity, necessary to support a
healthy aquatic habitat.
How to use the rating scale. The rating system uses values from 0-4. A
value of 1 equals the poorest and 4 equals the optimal condition. This rating
system transforms quantitative and qualitative measurements into ratings
that are numerical but essentially qualitative (ie., a 4 equals optimal while
a 1 equals a poor rating). Do your best in measuring the parameters and
giving the observations a rating. You can substantiate how you rated the
measurements by taking field notes. Consistent rating is more important than
precise rating.
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New Mexico Watershed Watch Riparian Survey (7/02 rev.)
Location:

Date:

Observers:

Recorders:

Rate each of the parameters on a scale of 0 to 4 . Assign scores based on the characteristics described in the Poor,
Fair, Good, Excellent columns. Use scores in the parenthesis that are in the middle of the range if the characteristics
clearly represent the descriptions. For example, a riparian area with more than 3 height classes would be given a 3.5 score.

Parameter

Excellent

Good

Fair

Poor

3-4 (3.5)

2-3 (2.5)

1-2 (1.5)

0-1 (0.5)

1

Riparian Vegetation
structural diversity

> 3 height
classes
grass/shrub/tree

2 height classes
mostly trees

1 height class
grass/forbs

1 height class
sparse vegetation

2

Bank Stablity

stable no erosion

some erosion

unstable/
erosion

unstable/eroding

3

Bank Cover

��95 %�cover

70-94% cover

40-69% cover

<40% cover

4

Vegetation Buffer
Width

��60 feet

40 - 59 feet

20-39 feet

< 20 feet

5

Vegetation Diversity

> 20 plant
species

15-19 plant species

5-14 plant
species

0-4 plant species

6

Embeddedness

substrate
surrounded by
<25% fine
sediment

25 - 50%

50 - 75%

>75%

7

Flow
Above 7,000 feet ->
----------------------Below 7,000 feet ->

� 2 cfs
-------------� 5 cfs

1-1.9 cfs
------------------2-4.9 cfs

8

Canopy shading the
water

mixed sun and
shade

sparse canopy

9

Benthic insects

Same as
"Excellent" but
only two of three
orders

10

Width to depth of
frequently flooded
channel (bankfull
channel)

mayflies,
stoneflies,
caddisflies
(dominant)
ratio <7

ratio = 8 -15

11

Pools & riffles

12 Streambed geology

ratio = 5 to 7 high
variety of
habitats
�70% boulders,
cobbles,gravel,
or logs

ratio = 7 - 15

0.5 - 0.9 cfs
-------------------1.0 - 1.9
nearly complete
sun

Score

Notes

<0.5 cfs
------------------<0.9 cfs
no shade
complete sun

mainly flies (50Nearly all insects
75% midges,
are flies (over
black flies,
90%)
craneflies)
ratio = 15 - 25
over bank flow

ratio > 25 peak
not contained

ratio = 15 - 25

ratio > 25
a straight stream
or one with low
habitat variety

40-69% boulders, 20-39% boulder
cobbles, gravel, or cobbles, gravel,
logs
or logs

< 20% boulders,
cobbles, gravel,
or logs
Total score:

Divide total
score by
number of
parameters
measured

Divide average distance between riffles
or bends (for low gradient streams) by the
average stream width

NM WATERSHED WATCH RIPARIAN SURVEY BACKGROUND INFORMATION
General information:
Date: ______

Time:________ Elevation: _________

Stream name: _____________________________________

Past
Now 48 Hours

Investigators conducting survey: ____________________
_________________________________________________

Weather
Clear/Sunny
Overcast
Showers
Rain (steady rain)
Storrm (heavy rain)

Site & Vegetation type description: _____________________________________________________
_______________________________________________________________________________________

River corridor land uses: Place "D" for dominant and "X" if present - otherwise leave blank. Use blank
spaces for land uses not listed.

Roadless area
Wooded area w/ roads
Wooded Logging area

Cropland
Grazed pasture
Ungrazed grassland

Golf course
Recreation area
Scattered residential

Urban
Commerical/Industrial

Resevoir or irrigation above? (Y/N) ___________________________

Sketch of site: Draw a "bird's eye" view of the 100' segment of the river that includes benthic macroinvertibrate
sampling sites (if done). Note the places where water flow was measured. Also note land uses and landscape
features such as direction of water flow, roads, wetlands, ditches, pastures, corrals, grazed areas, trails, or homes.

Riparian vegetation structural diversity. Wildlife, especially birds, find
nesting areas, food sources, and perching sites from plants that grow at
different heights. Areas with plants that have a greater number of height
classes will provide the best type of wildlife habitat.
Bank cover. Plants growing on stream banks are critical to
holding soil in place and reducing the movement of sediment,
nutrients and other pollutants into the stream channel (Platts
et al. 1983, Barbour and Stribling 1991). A healthy vegetation
cover takes up excess nutrients that could lead to excess algal
growth (eutrophication), provides shading to reduce water
temperatures, controls streambank scouring and reduces
impacts from grazing and recreational activities (Fleming
1998). Native vegetation species are considered healthier than
exotic species, although this is not accounted for in this
evaluation (Platts et al 1983). Vegetation cover on the bank, expressed as
a percent, is estimated by randomly choosing a transect direction to walk
and noting at every other step whether there is vegetation cover or bare soil.
Ninety-five percent vegetation cover is considered an adequate cover for
erosion control, while less than 40% is considered poor (Brooks et al. 1996,
Fleming 1998). Scores from both banks are averaged.
To measure this parameter, stand in the middle of the upper bank area and toss
a pencil randomly. Determine the direction where the point of the pencil is
aimed. Walk a line in that direction and observe if the ground is covered with
live vegetation at each place where the tip of your foot lands on the ground.
When the tip of your foot lands on dirt and the square inch nearest your big
toes is mostly dirt, count that point as dirt. If the tip of your foot lands on
vegetation, count that point as vegetation. Measure the cover in at least 10
steps. Divide the number steps in which the ground was covered by the total
number of steps you measured to calculate a percentage that the soil is covered
with vegetation. Compare the percentage to the form for a rating.

Location of upper banks
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Upper bank stability. This parameter measures the erosion condition or
potential for allowing soil on stream banks to wash into the stream channel.
Steep banks, especially if unvegetated, are more likely to contribute sediment
to the stream and cause embeddedness. Bank stability is considered excellent
if less than 5% of the banks are vertical and unvegetated, while more than 40%
of bank area in an unstable and eroding condition is rated poor (Barbour and
Stribling 1991). Streams with unstable banks often have degraded in-stream
habitat for fish and aquatic insects (Plafkin et al. 1989). The steeper the bank,
the greater the likelihood for erosion and loss of soil into the stream because
steep banks are less likely to hold vegetation cover (Ball 1982). The evaluator
looks upstream and downstream from the reach to estimate the percentage of
visible bank length that is not vegetated and actively eroding. Estimates from
both banks are averaged for a final score.
Vegetation buffer width. Vegetative buffer strips are effective in filtering
pollutants such as sediment and nutrients from streams, and several authors
consider 60 feet of buffer width to be sufficient for many riparian situations
(Schueler 1987). Other guidelines by the Natural Resources Conservation
Service (1995) recommend a 3-zone riparian buffer system of trees, shrubs
and herbaceous vegetation at least 70 feet wide. Where riparian areas have
very steep slopes and/or heavily fertilized agricultural runoff, a buffer of more
than 60 feet may be necessary. This parameter rates the riparian buffer zone
on both sides of the stream, measuring the distance to the nearest disruption
(road, housing development, row crop, etc.), and if the average vegetated width
on both sides is less than 20 feet, it is considered poor (Barbour and Stribling
1991). This parameter rates the entire riparian buffer width on the side of the
stream nearest to human disruption (highway, building structure, agricultural
impact such as grazing or farming, or golf course).
Canopy shading. Shading provided by a vegetative canopy cover is important
in reducing summer water temperatures and as a mediating factor in the
solar energy available for photosynthetic activity and primary production
(Barbour and Stribling 1991; Platts et al. 1983). Diversity of shade conditions is
considered by Barbour and Stribling (1991) to be optimal, with different areas
of a stream reach receiving direct sunlight, complete shade and filtered light.
The evaluator estimates the percentage of sun and shade by looking upsteam
and downstream from the middle of the stream reach.
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Pool to riffle ratio (riffle frequency). Undisturbed streams typically have
alternating pool and riffle areas which tends to support the highest species
diversity and food sources for fish. Fish wait for benthic insects to float by at
the head of a pool or at the tail of a riffle.
If the ratio of distance between riffles to stream width is between 5:1 and
7:1, heterogeneity for aquatic insects and fish is optimal, while a ratio of more
than 25:1 is considered a poor habitat (Frissell et al. 1986). Since benthic
communities thrive as a result of integrated environmental factors (substrate,
food availability, current etc.), and species have preferences for alternative
substrate types, it follows that maximum variability in streambed morphology
should support higher species diversity (Barbour and Stribling 1991). Riffles
are places that support high-quality habitat and a diverse fauna of aquatic
insects and fish. Upstream land use activities can profoundly change pool/
riffle relationships, as well as human-caused changes in flood and low-flow
discharge (Frissell et al. 1986). The evaluator uses a tape to measure the
average distance between riffles and the width of the bankfull channel.
For high gradient streams, calculate the ratio by dividing the average distance
between riffles by the average stream width. Measure this for a distance of
approximately 150 to 300 feet. For low gradient streams, calculate the ratio by
dividing the average distance between river bends by the average river width.
You may want to determine this ratio on a map rather than in the field if your
river is large and the distance between bends is great. If a stream contains
riffles and bends, the dominant feature with the best habitat should be used
(Barbour and Stribling).
Width to depth ratio of bankfull width. The ratio of bankfull channel
width (the width at the top of the bank determined by its extent when full
of water, usually once in two years), is optimal for fish and aquatic insect
habitat if less than 7:1 (Rosgen 1994). A very wide and shallow stream with
a width/depth ratio of more than 25:1 is considered poor habitat for fish and
the macroinvertebrate food supply they depend on (Gibson 1994; Ball 1982).
A tape measure and meter stick are used to measure the width and depth of
the channel. See the image on page 5-19 for a diagram of the location of the
bankfull width.
Embeddedness. This parameter rates how much of the surface area of the
larger rocks in the stream are surrounded by fine sediment (Platts et.al., 1983)
to evaluate habitat for benthic insects, fish spawning and egg incubation
(Barbour et.al.). Benthic insects, the main food source for fish, make their
homes on such rocks. Sediment, silt, or very fine clay can bury the rocks and
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reduce habitat for the bugs and, as a result, decrease the food sources for fish. Higher
levels of embeddedness generally eliminate niche spaces and correlate with lower
biotic productivity. The degree of embeddedness may vary in the sample depending
on whether the riffle, run, or pool is being rated. Emphasis should be placed on
evaluating riffle and run areas where biotic diversity of the insects will generally be
the greatest.
To measure this parameter, pick up cobbles (rocks) and turn over small boulders
to approximate the percent that the object has been surrounded by fine particles or
sediment. Often the rocks have a discoloration on their sides which shows the line that
separates the exposed and covered parts of the rock. Measure this parameter on at
least 10 rocks and use the average percent for the rating. For rivers with a 3rd or 4th
stream order this parameter is not used.
Streambed geology. Streambed geology and embeddedness are critical for the
maintenance of necessary void spaces in the substrate for macroinvertebrate habitat,
which need a continuous flow of water, oxygen and food sources (Frissell et al. 1986).
Stream reaches are evaluated by walking in a zig-zag pattern, stopping every two
steps to determine the size of material in front of the evaluator’s boot (Potyondy and
Hardy 1994). If more than 50% of material is comprised of grain sizes in gravel,
cobble and boulder categories, the habitat is considered optimal (Barbour and
Stribling 1991). At least 10 samples should be chosen in each reach and a range of
grain size percentages calculated. If more than 80% of the substrate is sand size or
smaller, the habitat is considered “poor”, while less that 30% of fine material rates
the reach “excellent.” An estimate of the percentage of fine material is considered a
valuable indicator of upstream watershed disturbance (Frissell et al. 1986).
Vegetation diversity. Vegetative diversity is evaluated by determining whether
at least 20 different species occur in the riparian zone, which is scored as optimum
(less than 6 species is considered poor). The concept of species evenness, or relative
density of each plant species in the riparian zone, is not considered here, but could be
included in future method refinements.
Stream flow. The water flow parameter is measured only for high gradient streams
and is calibrated specifically to measure the stream’s capacity to support fish and
benthic macroinvertibrates. Use the method for measuring stream flow outlined in
lesson 3. For rivers with a 3rd or 4th stream order this parameter is not measured.
Benthic insects. These insects are an extremely important part of river ecosystems.
Many benthic insects are sensitive to physical and chemical changes in their habitat,
many live in the water over a year, and they cannot easily escape pollution as some
fish can. In addition, they are easy to collect in many streams and rivers. Use the
method outlined in lesson 3.
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Appendix 1

River Network’s Guidance for Sub-sampling and Sorting
Benthic Macroinvertebrates
(Draft courtesy of Geoff Dates & River Network)

LABORATORY PROCEDURES FOR BENTHIC MACROINVERTEBRATES
This chapter describes the step-by-step procedures you will follow to process the field
samples. This involves picking a sub-sample and identifying the organisms to major
group (Level 1) and possibly family (Level 2).
This chapter contains the following sections:
A. Steps for Picking and Sorting A Sub-sample of Benthic Macroinvertebrates,
B. Level 1: Steps for Identifying the Major Groups in the Sub-sample
C. Level 2: Steps for Identifying the Families for Selected Major Groups in the
Sub-sample (optional, but recommended)
D. Quality Assurance Steps
MACROINVERTEBRATE LABORATORY EQUIPMENT CHECKLIST:
You will need the following equipment and supplies to pick, sort, and identify:
Essential Items:
R #30 Sieve (1)
R Labeling Tape & Pencils
R Small Vials (3-4 per sample)
R Lighted Magnifiers (1 per work
R Shallow (1” deep) White Trays

Purpose:
To strain the alcohol from the sample
To label sample in petri plates and storage vials
To store sorted and/or identified samples
To get a close-up view of the sample in the station)
tray
To hold sample while picking sub-sample

(1 per work station)

R Dissecting scope: at least 40 power

To magnify critters for identification

(1 per work station)

R 4-Compartment Petri Plates
(4 per work station)

R Forceps - fine tipped (2 per work
station)

R Wash bottles w/90% Ethyl Alcohol

To hold sorted organisms during picking
and identification
To pick and manipulate critters during
picking and identification
To preserve organisms

(1 per work station)

R Taxonomy Keys & References
R Sample Processing Record

To identify organisms
To record picking

(1 per replicate)

R Identification Lab Sheets (1 per
sample)

To record identification
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A. STEPS FOR PICKING AND SORTING A SUB-SAMPLE OF BENTHIC
MACROINVERTEBRATES
This section describes the laboratory procedures for picking and sorting benthic
macroinvertebrates:
An Overview of the Steps for Picking and Sorting A Sub-sample of Benthic
Macroinvertebrates
Step 1:

Set up work stations

Step 2:

Rinse and prepare the sample

Step 3:

Transfer the sample to a gridded tray

Step 4:

Evenly disperse sample over the entire tray

Step 5:

Mark several petri plates with the site and replicate number

Step 6:

Select a random starting square on the gridded tray

Step 7:

Pick the organisms from the square

Step 8:

Rough sort as you pick

Step 9:

Start the next square -- pick at least 1/4 of the squares and over 100 organisms

Step 10: Fill in the “Picking and Initial Sorting” section of the Macroinvertebrate
Sample Processing Record
Step 11: If you stop after step 10, store sorted organisms in labeled capped vials with
alcohol
Step 12: Clean up and save some organisms for a reference collection
Step 13: Repeat steps 1-10 for each replicate and fill out the Macroinvertebrate Sample
Processing Record
It is designed so that you can stop after picking the tray and rough sorting into major
groups. At some other time, you can do the identification and data analyses.
Detailed instructions for each step follow:
Step 1:

Set up work stations

Assemble the following equipment and supplies for each work station:
Essential Items:
R #30 Sieve (1)
R Labeling Tape & Pencils
R Small Vials (3-4 per sample)
R Lighted Magnifiers (1 per work
R One Shallow (1” deep) White Tray

Purpose:
To strain the alcohol from the sample
To label sample in petri plates and storage

vials

To store sorted and/or identified samples
To get a close-up view of the sample in the station)
tray
To hold sample while picking sub-sample
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R Four 4-Compartment Petri Plates
To hold sorted organisms during picking
R Two Forceps - fine tipped
To pick and manipulate critters
R One Wash bottle w/90% Ethyl Alcohol To preserve organisms
(1 per work station)

R Sample Processing Record

To record picking

(1 per replicate)

* Mark a grid with 12 squares on the bottom of the white trays as shown below,
and number each square. Use a permanent magic marker or grease pencil.

1

2

3

4

5

6

7

8

9

10

11

12

* Suggestion: Organize a team of people at each work station. one person to pick
the tray and another person to sort the organisms into tentative major groups
and record the information on the Sample Processing Record.
Step 2:

Rinse and prepare the sample

Pour the preserved field sample (alcohol and debris) into #30 sieve or sieve bucket
and wash off preservative. Rinse and visually examine large material – rocks,
twigs and leaves. Pick any small clinging organisms, such as Chironomidae, off
these materials and place the organisms in the sieve. Discard the material.
Hint: If your sample jar has a lot of gravel and sand in it (more than half the jar), you
might want to "swirl" it to remove this bulky material in order to make picking easier.
"Swirling" the Sample:
1) Pour the preserved field sample (alcohol and debris) into #30 sieve.
2) Dump the sample from the sieve into a 5-gallon bucket (not the sieve bucket).
3) Fill the bucket about half full of water.
4) Swirl the contents of the bucket. You'll notice that the lighter material (including the
critters) tends to come to the top.
5) Pour off the water, and the material floating in it, into the sieve, leaving the sand and
gravel in the bucket.
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6) Repeat steps 3 - 5 until, when you pour off the water, no lighter material comes out of
the bucket. You may need to repeat this 15 to 20 times to get all the lighter material out
of the sand and gravel.
7) Continue with step 3 below and discard the sand and gravel in the bucket.
Step 3:

Transfer the sample to a gridded tray

Turn the sieve upside down over the tray and tap it several times to empty the
contents onto the tray. Squirt a small amount of water over the bottom of the sieve
to flush the organisms onto the tray using a sink sprayer or squirt bottle. Cover the
bottom of the tray with about 1/4” of water.
Step 4:

Evenly disperse sample over the entire tray

Make sure the sample is evenly distributed over all the squares, including the
corners.
Step 5:

Mark several petri plates with the site and replicate number

Mark the bottom of each petri plate with the site and replicate number of the
sample you're processing. Use labeling tape and pencil.
Step 6:

Select a random starting square on the gridded tray

Roll a pair of dice and start with the square matching that number.
Step 7:

Pick the organisms from the starting square

Use a lighted magnifier to look at the starting square. Use the forceps to
systematically pick all the organisms out of that square, being sure to look for very
small organisms as well as the larger ones. Turn over rocks, leaves and twigs and
look for organisms that may be stuck to these materials. Pull apart clumps of algae
to find organisms that may be tangled there. Hint: Using two forceps makes this step
easier. Any organism which is lying over a line separating two squares is
considered to be in the square containing its head, or the majority of its body.
Step 8:

Rough sort as you pick

As each organism is removed from the square, rough sort it into one of the
compartments of a marked petri dish with other similar organisms. Hint: It's easier
to see the organisms if you place the petri plates on top of a plain white sheet of paper.
Don't worry about identifying the organisms at this point. Just use the obvious
physical differences among the organisms. Use the dissecting scope to help you see
these differences, but don't worry about precision -- you'll identify them later.
Step 9:

Start the next square -- pick at Least 1/4 of the squares and over 100
organisms

When you’ve finished picking the starting square, mark the corresponding square
on the “Sample Processing Record” lab sheet with an “x.” Move on to the next
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square. Continue picking squares until you’ve picked 1/4 of the tray (3 squares). If
you’ve picked over 100 organisms at this point, you may stop. If not, you must
continue picking one square at a time until you’ve picked over 100 organisms or the entire
tray, whichever comes first. Be sure to pick all the organisms from the last square, even if
you pick well over 100 organisms. . Note: it’s possible that you may pick the entire
tray and still not have 100 organisms.
Step 10: Fill in the “Picking and Initial Sorting” section of the Macroinvertebrate
Sample Processing Record
Be sure to fill in the number of squares you picked on this sheet!
Note: If you wish to identify the organisms at this point, proceed with "Level 1:
Steps for Identifying the Major Groups in the Sub-sample” in Section B or "Steps
for Identifying the Families for Selected Major Groups in the Sub-sample" in
Section C.
Otherwise, continue with step 11 below.

Step 11: If you stop after step 10, store the sorted organisms in labeled capped vials
with alcohol
If you wish to stop here, transfer the contents of each compartment of the petri
plate to its own vial. The contents of several compartments can be combined if
there are only a few organisms or if you think they'll be easy to re-sort later. Fill
each vial completely with 90% ethyl alcohol and cap tightly. Using labeling tape
and a pencil, label each vial like this:

Site #
Replicate #
#1 of 6 vials

Step 12: Clean up and save some organisms for a reference collection
If you wish, pick out several specimens representing each major group from the
sample left in the tray (if any) and save in a properly labeled vial to be identified
for a reference collection.
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Step 13: Repeat steps 1-10 for each replicate and fill out the Macroinvertebrate
Sample Processing Record
Pick and sort the organisms for each replicate sample. Fill out a separate
Macroinvertebrate Sample Processing Record for each replicate.

B. LEVEL 1: STEPS FOR IDENTIFYING THE MAJOR GROUPS IN THE SUB-SAMPLE
This section describes the laboratory procedures for identifying benthic
macroinvertebrates. To do this, “keys” are used. Keys are guides to the identification of
plants or animals. They arrange macroinvertebrates’ characteristics in a way that leads
you in a logical manner to place each organism in its correct grouping or “taxon,”
(order or family, for example).
We include two keys with this manual:
1) "A Simple Picture Key: Major Groups of Benthic Macroinvertebrates Commonly Found In
Freshwater New England Streams" is used as you would a field guide, by finding the
picture of the organism that looks most like the one you’re trying to identify and
checking to see that it has certain characteristics. (For New Mexico Watershed
Watch Schools please use the adapted family key from Aquatic Entomology by
McCafferty & Provonsha).
2) The other (“Key To The Freshwater Macroinvertebrate Fauna of New England”) is a
“dichotomous key” which uses “couplets” – two mutually exclusive statements
regarding a physical characteristic of the organism – and illustrations that highlight
the characteristic being examined.
Instructions for using both keys are contained in the keys themselves.
An Overview of the Steps for Identifying the Major Groups in the Sub-sample
Step 1:

Set up work stations

Step 2:

Mark several petri plates with the site and replicate number

Step 3:

Fill in the top of the Benthic Macroinvertebrate Identification Sheet - Level 1

Step 4:

Sort the sample into the compartments of the petri plates

Step 5:

Use the picture key to identify the major group of the organisms in each of the
compartments

Step 6:

Place any organisms you cannot identify into an "unknown" compartment

Step 7:

Use the dichotomous keys to identify "unknown" organisms
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Step 8:

Count and record the number of organisms in each major group on the Benthic
Macroinvertebrate Identification Sheet (Major Groups)

Step 9:

Estimate the number of different families of organisms in each major group
and record on the Benthic Macroinvertebrate Identification Sheet (Major
Groups)

Step 10: Store identified samples in capped vials with alcohol
Step 11: Fill in the Level 1 - Major Group Identification box on the Macroinvertebrate
Sample Processing Record
Step 12: Repeat steps 1-10 for each replicate and record on the Benthic
Macroinvertebrate Identification Sheet (Major Groups).

Detailed instructions for each step follow:
Step 1:

Set up work stations

Set up one or more work stations, each with the following:
Essential Items:
R Labeling Tape & Pencils
R Small Vials (3-4 per sample)
R Dissecting scope: at least 40 power

Purpose:
To label sample in petri plates and storage

vials

To store sorted and/or identified samples
To magnify critters for identification

(1 per work station)

R 4-Compartment Petri Plates
(4 per work station) )

R Forceps - fine tipped (2 per work
station)

R Wash bottles w/90% Ethyl Alcohol

To hold sorted organisms during picking
and identification
To pick and manipulate critters during
picking and identification
To preserve organisms

(1 per work station)

R Taxonomy Keys & References
R Plain white paper
R Sample Processing Record

To identify organisms
To place under petri plates in scope or on table
for contrast
Filled out, to record # of squares picked

(1 per replicate)

R Identification Lab Sheets (1 per
sample)

To record identification

* Locate the sample processing record that goes with the sample you're going to
identify. There should be one record for each replicate sample. Check to see that
the number of squares picked is noted.
Step 2:

Mark several petri plates with the site and replicate number
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Mark the bottom of each petri plate with the site and replicate number of the
sample you're processing. Use labeling tape and pencil.
Step 3:

Fill in the top of the Benthic Macroinvertebrate Identification Sheet - Level
1 (Form 6)

Fill in the site #, river/stream, date sampled, your name, and the date of the
identification at the top of the form. Also fill in the # of squares picked from the
tray boxes at the bottom for each replicate. Note that one identification sheet is
used per site for all 3 replicates.
Step 4:

Sort the sample into the compartments of the petri plates

If the sample has been sorted, place the contents of each vial into its own
compartment. If it hasn't been sorted, rough sort, following step 8 in the previous
section.
Step 5:

Use the picture key to identify the major group of the organisms in each of
the compartments

Place the petri plate on the platform of the dissecting scope. Focus the dissecting
scope so you can see the whole organism. Hint: It's easier to see body characteristics if
the organisms are lit from above against a white background.
Follow the instructions in the picture key ("A Simple Picture Key: Major Groups
of Benthic Macroinvertebrates Commonly Found In Freshwater New England
Streams") to identify the major groups.
The major groups are:
Order Ephemeroptera
Order Plecoptera
Order Trichoptera
Order Diptera
Family Chironomidae
Family Tipulidae
Other Families
Order Odonata
Order Megaloptera
Order Coleoptera
Order Amphipoda
Order Isopoda
Order Decapoda
Class Gastropoda
Class Pelecypoda
Class Oligochaeta
Class Hirudinea

(mayflies)
(stoneflies)
(caddisflies)
(midges)
(craneflies)
(blackflies, horseflies, etc.)
(dragonflies & damselflies)
(fishflies, dobsonflies)
(beetles)
(scuds)
(sowbugs)
(crayfish)
(snails)
(clams)
(bristle worms)
(leeches)
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Move any organisms that don't belong in that compartment to another
compartment.
Step 6:

Place any organisms you cannot identify into an "unknown" compartment

Place any organisms that you cannot identify using the picture key into a separate
petri plate compartment. Don't worry about these for now. In the next step, you'll
identify these using another key.
Step 7:

Use the dichotomous keys to identify "unknown" organisms

Use one or both of the two dichotomous keys to identify the unknown organisms:
x “Key To The Freshwater Macroinvertebrate Fauna of New England.”
x "Aquatic Diptera Immatures" (Figure 16.1 excerpted from "Aquatic Entomology
by W. Patrick McCafferty).
If you are still not sure about a particular organism, have a more experienced
person assist you or preserve it in a vial until someone is available at a later date.
Step 8:

Count and record the number of organisms in each major group on the
Benthic Macroinvertebrate Identification Sheet - Level 1 (Form 6)

When you're certain of the identity of the organisms in all the compartments
(except for those in the unknown compartment), count the total number of
individuals (“density”) in each major group.
Record your count in the ‘D’ column under the appropriate replicate # on the
Benthic Macroinvertebrate Identification Sheet - Level 1 (Form 6).
Step 9:

Estimate the number of different families of organisms in each major
group and record on the Benthic Macroinvertebrate Identification Sheet Level 1

Estimate the number of perceived families (“richness”) within each major group.
For many of the organisms, the picture key included with this manual will enable
you to actually identify the families. For the mayflies, stoneflies, and caddisflies,
damselflies, and dragonflies, use the differences in body characteristics identified
in the diagrammatic keys in McCafferty’s Aquatic Entomology to differentiate the
organisms. Note that it is not necessary to actually identify the families, just check
for certain key distinguishing traits, some of which are listed below:
Mayflies: the location, shape and texture of the gills; the presence or absence of
“tusks” on the head; the presence or absence of filtering hairs on the front legs; the
size, shape, and orientation of the head; and the length of the antennae.
Stoneflies: presence or absence of gills at the base of the legs; presence or absence
of gills underneath the first two abdominal segments; whether the wingpads are
parallel or divergent, the shape of the body; color pattern; the shape of the thorax.
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Caddisflies: presence or absence of “shields” on each segment of the thorax; the
size and shape of the anal prolegs; shape of the body; whether antennae are visible,
presence or absence of a case; presence or absence of humps on the top and/or
sides of the first abdominal segment.
Don’t worry about the clams, snails, crayfish, worms, sowbugs, scuds and other
non-insects. Pay attention to obvious differences only.
Note: Size is not a distinguishing characteristic, nor is color.
Record your estimate in the ‘R’ column under the appropriate replicate # on the
Benthic Macroinvertebrate Identification Sheet - Level 1 (Form 6).
Step 10: Store the sorted organisms in capped vials with alcohol.
Transfer the contents of each compartment of the petri plate to its own vial. The
contents of several compartments can be combined if there are only a few
organisms or if you think they'll be easy to re-sort later. Fill each vial completely
with 90% ethyl alcohol and cap tightly. Using labeling tape and a pencil, label each
vial like this:

Site #
Replicate #
#1 of 6 vials

Place all unidentified organisms into a separate vial. A more experienced person
can identify them at a later date.
Step 11: Fill in the Level 1 - Major Group Identification box on the
Macroinvertebrate Sample Processing Record (Form 5)
Fill in a check, the date, and your name in the Level 1 - Major Group
Identification box on the Macroinvertebrate Sample Processing Record for this
replicate.
Step 12: Repeat steps 1-11 for each replicate and record on the Benthic
Macroinvertebrate Identification Sheet - Level 1 (Form 6)
Identify the organisms in each replicate sample and record the density and
richness in the appropriate column of the Benthic Macroinvertebrate
Identification Sheet - Level 1 (Form 6).
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C. LEVEL 2: STEPS FOR IDENTIFYING THE FAMILIES FOR SELECTED MAJOR GROUPS IN
THE SUB-SAMPLE
This section describes the laboratory procedures for identifying benthic
macroinvertebrate families for selected major groups in the sub-sample, after you’ve
identified the major groups. This requires training and experience in macroinvertebrate
taxonomy. It is recommended that an aquatic biologist, entomologist, or someone
familiar with macroinvertebrate taxonomy be present during the identification or
subsequently verifies the identification.
An Overview of the Steps for Identifying the Families for Selected Major Groups in
the Sub-sample
Step 1:

Identify the Major Groups in the sample

Step 2:

Set up work stations

Step 3: Mark each petri plate with the site and replicate number
Step 4: Fill in the top of the Benthic Macroinvertebrate Identification Sheet - Level 2
Step 5: Sort the sample into the compartments of the petri plates
Step 6: Use the picture key to identify the families of the organisms in each of the
compartments for the orders Diptera, Coleoptera, and Megaloptera.
Step 7: Place any organisms you cannot identify into an "unknown" compartment
Step 8: Use the family level dichotomous key in “Aquatic Entomology (enclosed) to
identify "unknown" organisms and the families in the orders Ephemeroptera,
Plecoptera, and Trichoptera
Step 9: Count and record the number of organisms in each family on the Benthic
Macroinvertebrate Identification Sheet - Level 2
Step 10: Identify the functional feeding group for each family
Step 11: Store identified samples in capped vials with alcohol
Step 12: Fill in the Level 2 - Family Identification box on the Macroinvertebrate Sample
Processing Record
Step 13: Repeat steps 1-11 for each replicate and record on the Benthic
Macroinvertebrate Identification Sheet - Level 2
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Detailed instructions for each step follow:
Step 1:

Identify the Major Groups in the sample (optional)

Identifying the major groups will make it easier to sort the organisms for family
identification (see the previous section for instructions on how to do this).
However, you can skip this step if you wish.
Step 2:

Set up work stations

Set up one or more work stations, each with the following:
Essential Items:
R Labeling Tape & Pencils
R Small Vials (3-4 per sample)
R Dissecting scope: at least 40 power

Purpose:
To label sample in petri plates and storage

vials

To store sorted and/or identified samples
To magnify critters for identification

(1 per work station)

R 4-Compartment Petri Plates
(4 per work station) )

R Forceps - fine tipped (2 per work
station)

R Wash bottles w/90% Ethyl Alcohol

To hold sorted organisms during picking
and identification
To pick and manipulate critters during
picking and identification
To preserve organisms

(1 per work station)

R Taxonomy Keys & References
R Plain white paper
R Sample Processing Record

To identify organisms
To place under petri plates in scope or on table
for contrast
Filled out, to record # of squares picked

(1 per replicate)

R Identification Lab Sheets (1 per
sample)

To record identification

* Locate the sample processing record that goes with the sample you're going to
identify. There should be one record for each replicate sample. Check to see that
the number of squares picked is noted.
Step 3:

Mark each petri plate with the site and replicate number

Mark the bottom of each petri plate with the site and replicate number of the
sample you're processing. Use labeling tape and pencil.
Step 4:

Fill in the top of the Benthic Macroinvertebrate Identification Sheet - Level
2 (Form 7)

Fill in the site #, river/stream, date sampled, your name, and the date of the
identification at the top of the form. Be sure to fill in the # of squares picked from
the tray boxes at the bottom for each replicate. Note that one identification sheet is
used per site -- 3 replicates.
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Step 5:

Sort the sample into the compartments of the petri plates

If the sample has been sorted, place the contents of each vial into its own
compartment. If it hasn't been sorted, rough sort, following step 8 in the previous
section.
Step 6:

Use the “Simple Picture Key” to identify the families of the organisms in
each of the compartments for the orders Diptera, Coleoptera, and
Megaloptera

Place the petri plate on the platform of the dissecting scope. Focus the dissecting
scope so you can see the whole organism. Hint: It's easier to see body characteristics if
the organisms are lit from above against a white background.
Follow the instructions in the picture key ("A Simple Picture Key: Major Groups of
Benthic Macroinvertebrates Commonly Found In Freshwater New England
Streams") to identify the families.
Move any organisms that don't belong in that compartment to another.
Step 7:

Place any organisms you cannot identify into an "unknown" compartment

Place any organisms that you cannot identify using the picture key into a separate
petri plate compartment. Don't worry about these for now. In the next step, you'll
identify these using another key.
Step 8:

Use the family level dichotomous key in “Aquatic Entomology (enclosed)
to identify "unknown" organisms and the families in the orders
Ephemeroptera, Plecoptera, and Trichoptera

If you are still not sure about a particular organism, try another key or have a more
experienced person assist you. If no one is available to help you, preserve it in a
vial until someone is available at a later date.
Step 9:

Count and record the number of organisms in each family on the Benthic
Macroinvertebrate Identification Sheet - Level 2 (Form 7)

When you're certain of the identity of the organisms in all of the compartments
(except for those in the unknown compartment), count the total number of
individuals (“density”) in each family.
Record your count in the ‘D’ column under the appropriate replicate # on the
Benthic Macroinvertebrate Identification Sheet (Families).
Step 10: Identify the functional feeding group for each family
Identify the functional feeding group (shredders, scrapers/grazers, filtering
collectors, gathering collectors, and predators1) for each family. Generalized
functional feeding groups for each family are listed on the lab sheet. However, you
1

See Chapter II "A Closer Look At Benthic Macroinertebrates" for a description of these groups.
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should verify these suggested groups by using Cummins & Wilzbach’s Field
Procedures for Analysis of Functional Feeding Groups of Stream
Macroinvertebrates to determine the functional feeding group for each family.
Note that since we are not identifying the organisms in the field, some of the
couplets won’t apply. You will need to consult with an aquatic biologist to verify
the suggested groups and to identify the functional feeding group of a family that
has more than one possible group. Circle the appropriate functional feeding group
on the form.
Step 11: Store the sorted organisms in capped vials with alcohol
Transfer the contents of each compartment of the petri plate to its own vial. The
contents of several compartments can be combined if there are only a few
organisms or if you think they'll be easy to re-sort later. Fill each vial completely
with 90% ethyl alcohol and cap tightly. Using labeling tape and a pencil, label each
vial like this:

Site #
Replicate #
#1 of 6 vials

Place all unidentified organisms into a separate vial. A more experienced person
can identify them at a later date.
Step 12: Fill in the Level 2 - Family Identification box on the Macroinvertebrate
Sample Processing Record (Form 5)
Fill in a check, the date, and your name in the Level 2 - Family Identification box
on the Macroinvertebrate Sample Processing Record for this replicate.
Step 13: Repeat steps 1-11 for each replicate and record on the Benthic
Macroinvertebrate Identification Sheet - Level 2 (Form 7)
Identify the organisms in each replicate sample and record the density and
richness in the appropriate column of the Benthic Macroinvertebrate Identification
Sheet (Families).
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D. QUALITY ASSURANCE
The main quality assurance challenge is to make sure that all the organisms are
correctly identified. This is particularly important when family identification is
involved. To assure this, two measures are recommended:
1) Voucher Collection: All processed samples should be saved for later verification
by RWN or project staff, the state aquatic biologist (if available) or other
professionals. Samples should be stored in labeled vials filled with 90% ethyl
alcohol with seals that prevent the alcohol from evaporating. Samples should be
checked every few months and the alcohol replenished, if needed.
2) Reference Collection: Examples of each family or major group found should be
positively identified by an experienced person. These examples should be stored
in vials with a label that correctly identifies the organism. This collection is used
to compare with the unknown critters from your river samples to help you
identify them.
E. SUGGESTED KEYS
There are many keys to macroinvertebrates. Below is a list of suggested keys to help
you identify major groups and families. Some are easier to use than others and each key
has its own unique approach. For this reason, it’s generally a good idea to have several
keys to help you identify the organisms:
Major Groups:
* Dates, Geoff, A Simple Picture Key: Major Groups of Benthic Macroinvertebrates
Commonly Found In Freshwater New England Streams, River Watch Network,
Montpelier, VT. January 1993.
* Fiske, Steve and Byrne, Jack, Key to the Freshwater Macroinvertebrate Fauna of New
England. River Watch Network, Montpelier, VT. March 1988.
* Lehmkuhl, Dennis M., How to Know the Aquatic Insects. William C. Brown
Publishers, Dubuque Iowa.
* McCafferty, W. Patrick, Aquatic Entomology: the Fisherman’s and Ecologists’
Illustrated Guide to Insects and Their Relatives. Jones and Bartlett Publishers,
Inc. Boston, MA
Families:
* Cummins, K. and Wilzbach, M. Field Procedures for Analysis of Functional Feeding
Groups of Stream Macroinvertebrates.
* Lehmkuhl, Dennis M., How to Know the Aquatic Insects. William C. Brown
Publishers, Dubuque Iowa. 1979.
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* McCafferty, W. Patrick, Aquatic Entomology: the Fisherman’s and Ecologists’
Illustrated Guide to Insects and Their Relatives. Jones and Bartlett Publishers,
Inc. Boston, MA
* Merritt, R. and Cummins, K. An Introduction to the Aquatic Insects of North America
(Second Edition). Kendall/Hunt Publishing Company, Dubuque Iowa. 1984.
* Peckarsky, Barbara L., et al, Freshwater Macroinvertebrates of Northeastern North
America. Cornell University Press. 1990
* Pennak, Robert W., Freshwater Invertebrates of the United States, 3rd Edition, Wileyinterscience Publication. 1987
* Smith, Douglas G., Key to the Freshwater Macroinvertebrates of Massachusetts,
University of Massachusetts, Amherst MA 1991.
* Wiggins, G.B. Larvae of the North American Caddisfly Genera (Trichoptera),
University of Toronto Press, Toronto Canada. 1977.
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